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ABSTRACT

Powell, Christina, L. Ph.D. Environmental Sciences Ph.D. Program, Wright State
University, 2010. Biodegradation of Groundwater Pollutants (Chlorinated Hydrocarbons)
in Vegetated Wetlands: Role of Aerobic Microbes Naturally Associated with Roots of
Common Plants.

Chlorinated aliphatic hydrocarbons (CAHs) are often found as groundwater
contaminants because of past industrial activities and disposal practices. CAHs pose a
threat to human health and thus, create a need to find both natural and engineered
processes that can remove these chlorinated compounds from the environment. Natural
attenuation by oxidative biodegradation is especially important because it can allow for
mineralization to carbon dioxide, a nontoxic end-product. The goal of this research was
to evaluate the potential oxidative biodegradation of CAHs by microorganisms that are
naturally associated with wetland plant roots. The research was divided into field work
and laboratory batch studies.
The field work consisted of using newly designed pore water samplers to provide
a biogeochemical characterization of a constructed wetland environment with an
emphasis on the shallow vegetated zone. Reducing conditions were found at the bottom
of the wetland with overlapping zones of nitrate, iron, and sulfate reduction and
methanogenesis. More oxidizing conditions were found closer to the surface and in the
root zone. There was evidence of tetrachloroethene (PCE) degradation by its removal and
formation of daughter products, trichloroethene (TCE) and vinyl chloride (VC), both of
which disappeared by possible oxidative processes in the near surface environment and root
zone.
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The laboratory work was done using a unique approach with microcosms
containing soil-free washed wetland plant roots. The activity and TCE degradation
potential by aerobic methane- and ammonia-oxidizing microorganisms naturally associated
with Carex comosa roots was investigated. Methane oxidation developed faster than
ammonia oxidation during the respective enrichment periods. After enrichment, methane
oxidizers were able to degrade TCE in contrast to ammonia oxidizers, which were rapidly
and completely inhibited, perhaps due to the presence of TCE or TCE degradation products.
The root morphology, methane-oxidizing activity, and TCE degradation potential was
compared between Carex comosa and Scirpus atrovirens. Carex comosa roots were found
to have shorter and thicker roots compared to Scirpus atrovirens, which grew longer and
were more fibrous. Initial methane oxidation was greater with the Carex comosa roots
compared to the Scirpus atrovirens roots, however, TCE degradation was quite similar
with roots from both species. The potential for methane oxidizers naturally associated with
Carex comosa roots to degrade cis-1,2-dichloroethene (cisDCE), TCE, and 1,1,1trichloroethane (1,1,1TCA) was investigated and the degradation rates were determined.
TCE and cisDCE were both significantly degraded with first order kinetics while 1,1,1TCA
degradation was not observed in the presence of active methane oxidizers. Overall, the
results presented suggest that microorganisms associated with wetland plant roots have the
intrinsic ability to naturally attenuate TCE and cisDCE in contaminated aquatic
environments.
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1

BACKGROUND

Chlorinated ethenes (CEs) and chlorinated ethanes (CAs) are chlorinated aliphatic
hydrocarbons (CAHs) that have been widely used in industrial applications(Pankow &
Cherry 1996) as cleaning solvents. Due to widespread usage and disposal practices in
recent decades, CAHs have become groundwater contaminants of major concern. These
contaminants have been found to pose threat to human health, being known or suspected
carcinogens. Common CEs and CAs discussed in this paper are listed in Table 1.1.
CAHs in the contaminated groundwater can be affected by several processes such
as sorption, dilution, volatilization, and chemical and microbiological transformations.
Among these, an indepth understanding of the microbiological transformation or
biodegradation processes affecting CAH compounds is especially important because it
affects the environmental fate of CAHs in the environment. It can also be applied for the
treatment of groundwater contaminated with CAHs, by both oxidative and reductive
pathways, in a natural, cost-effective remediation approach. Highly-chlorinated CAHs,
such as perchloroethene (PCE) and tetrachloroethane (TeCA), have the tendency to
undergo biodegradation through reduction pathways, whereas, less-chlorinated CAHs,
such as vinyl chloride (VC) and mono chloroethane (mCA), have the tendency to
undergo biodegradation through oxidative pathways (Vogel et al. 1987; Bradley 2000;).
Studies have found that wetlands provide unique environments for coupled
oxidative and reductive biodegradation of CAHs (Amon et al. 2007). Wetland
environments are favorable for reductive biodegradation because of the hydric soil and
abundant supply of natural organic carbon that can provide electron donors such as
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hydrogen (H2) and volatile fatty acids (Westermann 1994; Conrad 1999; Kao & Lei 2000;
Kassenga et al. 2004; Kassenga & Pardue 2006; Amon et al. 2007). These electron
donors can support metabolic microbial reduction by the process known as
halorespiration where the CAHs act as the terminal electron acceptors (Kassenga et al.
2004). CAHs can also be degraded cometabolically in anaerobic conditions: Fe(III)reducing (Aulenta et al. 2006), sulfate-reducing, methanogenic, or acetogenic conditions
(Bradley 2000; Kassenga et al. 2004). Of these, methanogenic conditions have been
found to result in more complete degradation to non-toxic end products, ethane and
ethene (Freedman & Gossett 1989). Pathways for microbial reductive degradation are
shown in Figure 1.1.
When complete degradation of CAHs does not occur through reductive
biodegradation, less-chlorinated daughter CAHs can accumulate in the anaerobic zones
of wetland environments (Lorah 1999; Lorah & Olsen 1999; Lorah & Voytek 2004).
However, these products (dichloroethenes (DCEs), VC, 1,2-dichloroethane (1,2-DCA),
mCA) have the potential to degrade oxidatively in aerobic environments: either by
serving as electron donors for microbial metabolism (Stucki et al. 1983; Janssen et al.
1985; Davis & Carpenter 1990; Janssen & Dekoning 1995; Janssen et al. 1995; Bradley
& Chapelle 1998; Klecka et al. 1998; Hage & Hartmans 1999; Klier et al. 1999; Bradley
2000; Bradley & Chapelle 2000; Hage et al. 2001; Coleman et al. 2002a; Coleman et al.
2002b; Broholm et al. 2005; Fathepure et al. 2005) or by cometabolic processes in the
presence of numerous growth substrates.
Aerobic oxidative degradation of CAHs can take place not only in the nearsurface environments of the wetland if oxygen (O2) is available, but can also be
2

facilitated in the root zone, particularly in the rhizosphere, of wetland plants (Anderson et
al. 1993; Anderson & Walton 1995; Bankston et al. 2002). Wetland plants have special
tissues that can transport O2 from the leaves to the roots (Mitsch & Gosselink 2000).
Some of this O2 can leak into the rhizosphere and facilitate CAH oxidation by
microorganisms inhabiting the roots. This process has been evaluated in bench-scale
microcosms created with root zone soil (Bankston et al. 2002), and speculated to occur
during recent field studies (Amon et al. 2007). However, this has not been investigated
with respect to microbial activity directly associated with wetland plant roots.
The research presesented in this dissertation examines the transformation
potential of CAHs by aerobic cometabolic pathways by microbial activity directly
associated with wetland plant roots. Specifically, the focus of the investigation was with
plant species, Carex comosa and Scirpus atrovirens and the contaminants evaluated were
1,2-dichloroethene (cisDCE), 1,1,1-tricholoethane, and trichloroethene (TCE). The
cometabolic growth substrates evaluated were methane and ammonia.
1.1

OXIDATIVE ENVIRONMENT IN WETLAND PLANT ROOTS
In this section, a brief review of the oxidation potential of reduced species in the

root zone of wetland plants, mechanisms of oxidation for CAHs through metabolic and
cometabolic pathways, and the potential for methane and ammonia production in wetland
environments is presented.
Plants growing in waterlogged, anaerobic wetland soils must themselves provide
O2 to their roots because of the slow diffusion and solubility of oxygen in water and its
high demand in wetland soil. This is accomplished via a high-porosity continuous gas
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space within the plant tissue called the aerenchyma, a specialized tissue that supports
enhanced longitudinal transport of O2 from plant shoots to their roots, allowing the gas to
diffuse from the aerial parts of the plants to the tips of the roots (Justin & Armstrong
1987; Armstrong et al. 2000; Colmer 2003). In the process, some of the O2 can leak into
the immediate soil environment surrounding the roots by diffusing across the root wall;
this process is referred to as radial oxygen loss (ROL) (Hinsinger et al. 2006). ROL can
provide an aerobic microenvironment surrounding the plant roots (rhizosphere) in an
otherwise anaerobic soil. The release of O2 can affect the rhizosphere by reacting with
reduced solutes and chemical constituents that may diffuse from the surrounding reduced
soil, which can set up concentration gradients, drive mass fluxes in the rhizosphere and
facilitate oxidative reactions (for example, see Figure 1.2). The release of O2 from the
roots can help maintain high redox potential conditions in the rhizosphere (Flessa &
Fischer 1992; Kristensen & Alongi 2006), as is evident by precipitation of Fe(III) solids
as iron plaque on the root‘s surface; oxidation of Fe(II) and formation of iron plaque is
quite commonplace in the rhizosphere of plants inhabiting most flooded soils (Begg et al.
1994).
1.2

CAH OXIDATION BY MICROBIAL PROCESSES
The organic nature of CAH compounds may allow them to act as electron

acceptors or electron donors and undergo reduction or oxidation; however, their potential
for reduction or oxidation may depend on the individual CAH compound. The more
reduced and less chlorinated the CAH, the more likely it will undergo oxidation.
Likewise, the more oxidized and more chlorinated the CAH, the less likely it will
undergo oxidation; these compounds are more likely to be reduced (Vogel et al. 1987).
4

The pathway for oxidation is largely unknown for many CAHs but can be
assumed to be initiated by one of the following three general mechanisms that occur in
mammalian systems: (a) incorporation of oxygen in the carbon-hydrogen bond (i.e., αhydroxylation); (b) oxidation of a halogen substitution; and (c) oxidation of a carboncarbon bond via epoxidation (Vogel et al. 1987). For chlorinated ethenes (CEs), the
initial step in oxidation is generally assumed to be epoxidation of the carbon-carbon bond
(Bhatt et al. 2007), and for chlorinated ethanes (CAs), the cleavage of the carbonhydrogen bond occurs first (Hirschorn et al. 2007). These pathways lead to formation of
alcohols or free radicals as intermediate products during oxidation of CAs, and epoxides
as intermediate products during oxidation of CEs (Vlieg & Janssen 2001). The epoxides
can be transformed by reacting with cellular nucleophiles, rearranging to chlorinated
acids or acetaldehydes, or hydrolyze to other unstable chlorinated intermediate (Vlieg &
Janssen 2001). Subsequent degradation of these intermediate compounds may result into
their net mineralization to CO2.
CAH mineralization is catalyzed by special enzymes produced by the
microorganisms capable of oxidation (Bhatt et al. 2007). In aerobic conditions,
molecular O2 can be introduced into the CAHs by enzymes called oxygenases (either
monooxygenase or dioxygenase) that catalyze the degradation by incorporating one or
two oxygen atoms into the compound respectively (Fetzner & Lingens 1994). CAHs
oxidized via a hydroxylation process utilize enzymes called hydroxylases, which catalyze
the incorporation of a hydroxyl group into the compound (Fetzner & Lingens 1994). In
some cases, complete mineralization can occur by the same enzyme, whereas in other
cases more than one enzyme is required (Janssen & Dekoning 1995). When epoxides are
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formed, their conversion can be brought about by enzymes such as glutathione Stransferase, epoxide carboxylases, epoxide dehydrogenases, or epoxide hydrolases (Vlieg
& Janssen 2001).
Oxidation of CAHs can occur aerobically or anaerobically depending on the
presence or absence of oxygen. In the shallow zones of the wetland, the O2 released from
the plant roots can serve two functions in CAH oxidation: it either acts as an acceptor of
the electrons released during oxidation, or it can react directly with the CAHs (Bouwer &
Zehnder 1993). As an electron acceptor, O2 can control the microbial metabolism for
aerobic processes as it is leaked from the plant roots, and O2 typically provides the
maximum free energy during electron transfer (Bouwer & Zehnder 1993; Bhatt et al.
2007). As the O2 gets depleted, it can be replaced by other oxidized inorganic
compounds as electron acceptors for reactions facilitated by anaerobic microorganisms
(Bouwer & Zehnder 1993); nitrate, Mn (IV), Fe(III), sulfate, and CO2 are other possible
electron acceptors listed in the order of their redox potential.
1.2.1

CAH Biodegradation by Metabolic Processes
When CAHs are degraded metabolically, microorganisms use these compounds as

the sole carbon source for energy and growth, where the CAHs act as the electron donor,
balanced by the molecular O2 released from the roots acting as the electron acceptor.
This process can yield significant amounts of energy (Janssen & Dekoning 1995; Vlieg &
Janssen 2001). This is evident in Table 1.2 by the Gibbs free energy values calculated for
the aerobic mineralization of CAHs to water, CO2, and hydrochloric acid. Overall, these
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values indicate that the Gibbs free energy increases as the number of chlorine substitutes
decreases.
Although, based on thermodynamic principles, microbial growth on nearly all
chlorinated compounds is possible, yet there is a greater potential for the mineralization
of less-chlorinated CAHs (Janssen & Dekoning 1995; Vlieg & Janssen 2001). Only two
less-chlorinated CEs and one CA have been reported in the literature as the sole carbon
source for microbial metabolism. Of the chlorinated ethenes, most studies have focused
on the epoxidation process of VC (Davis & Carpenter 1990; Coleman et al. 2002b;
Fathepure et al. 2005), with a few studies researching DCEs (Bradley & Chapelle 1998;
Klier et al. 1999; Bradley 2000; Bradley & Chapelle 2000; Coleman et al. 2002a;
Broholm et al. 2005). 1,2-DCA has been reported as the only chlorinated ethane capable
of serving as a growth substrate for aerobic bacteria metabolism (Stucki et al. 1983;
Vandenbergh & Kunka 1988; Vandenwijngaard et al. 1992; Janssen & Dekoning 1995;
Janssen et al. 1985; Janssen et al. 1995; Klecka et al. 1998; Hage & Hartmans 1999;
Hage et al. 2001)
1.2.2

CAH Biodegradation by Cometabolic Processes
As opposed to metabolic transformations, a wider range of CAHs can undergo

cometabolic transformations under aerobic conditions. Most CAHs can be
cometabolically oxidized by bacteria that produce non-specific oxygenase enzymes
(Anderson & McCarty 1997). Cometabolic transformations of CAHs yield no carbon or
energy benefits to the microorganisms and can have several limitations, including
substrate competition, enzyme inactivation, and toxicity to the organism (Oldenhuis et al.
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1991; Rasche et al. 1991; Alvarez-Cohen & McCarty 1991; Dolan & McCarthy 1995;
Alvarez-Cohen & Speitel 2001; Arp et al. 2001). Even with these limitations, studies
have found that cometabolic oxidation is not only possible but effective and can occur
with several different growth substrates, discussed below.
Growth substrates are needed for cometabolic reactions to take place. These
substances provide an energy source and induce production of the oxygenase-expressing
cometabolic enzymes (Alvarez-Cohen & Speitel 2001). Growth substrates have been
found to include methane (CH4) (Colby et al. 1977; Colby & Dalton 1979; Woodland &
Dalton 1984; Wilson & Wilson 1985; Fogel et al. 1986; Henson et al. 1988; Janssen et al.
1988; Little et al. 1988; Fox et al. 1989; Green & Dalton 1989; Henson et al. 1989;
Oldenhuis et al. 1989; Strandberg et al. 1989; Tsien et al. 1989; Fox et al. 1990; Strand et
al. 1990; Alvarez-Cohen & McCarty 1991; Arvin 1991; Fox et al. 1991; Henry &
Grbicgalic 1991; Oldenhuis et al. 1991; Nakajima et al. 1992; Phelps et al. 1992;
Malachowsky et al. 1994; Dolan & McCarthy 1995; Arcangeli et al. 1996; Chang &
Alvarez-Cohen 1996; Hanson & Hanson 1996; Anderson & McCarty 1997; Lontoh &
Semrau 1998; Aziz et al. 1999; Shigematsu et al. 1999; Alvarez-Cohen & Speitel 2001;
Arp et al. 2001; Broholm et al. 2005; Frascari et al. 2006), propane (Fliermans et al.
1988; Phelps et al. 1991; Wackett et al. 1989), propene (Ensign et al. 1992), isoprene
(Ewers et al. 1990), toluene (Wackett & Gibson 1988; Shields et al. 1989a; Shields et al.
1989b; Zylstra et al. 1989; Ryoo et al. 2000; Shim et al. 2001), phenol (Folsom et al.
1990; Harker & Kim 1990; Hopkins et al. 1993a; Hopkins et al. 1993b; Anderson &
Walton 1995; Fries et al. 1997a; Fries et al. 1997b; Ishida & Nakamura 2000; Futamata et
al. 2001; Futamata et al. 2003; Chen et al. 2004;), ethene (Debont & Harder 1978;
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Hartmans et al. 1991; Weber et al. 1992; Freedman & Herz 1996; Koziollek et al. 1999;
Verce et al. 2001), ammonia (Hyman et al. 1988; Rasche et al. 1990; Vannelli et al. 1990;
Rasche et al. 1991; Ely et al. 1995; Hyman et al. 1995; Ely et al. 1997; Moran & Hickey
1997; Hommes et al. 1998; Yang et al. 1999; Kocamemi & Cecen 2005; Kocamemi &
Cecen 2007), VC (Hartmans & Debont 1992; Verce et al. 2000; Verce et al. 2001; Verce
et al. 2002; Singh et al. 2004; Broholm et al. 2005; Fathepure et al. 2005), and several
others.
The cometabolic activity of methanotrophs has been studied extensively.
Methanotrophs are a group of gram-negative bacteria that produce an enzyme called
methane monooxygenase (MMO) that catalyzes the incorporation of molecular oxygen
into CH4 to produce methanol (Hanson & Hanson 1996). Three general categories of
methanotrophs have been identified (type I, type II, and type X) based on the structures
of their internal membranes and carbon assimilation pathways (Hanson & Hanson 1996;
Lontoh & Semrau 1998). Type I methanotrophs produce an insoluble form of the MMO
enzyme (pMMO), and are thought to proliferate under high-oxygen, low CH4 conditions
(Hanson & Hanson 1996; Auman & Lidstrom 2002; Costello et al. 2002). Type II
methanotrophs produce a pMMO enzyme, and have the ability to produce a more reactive
soluble form of the MMO enzyme (sMMO) under copper-limiting conditions, and thrive
under high methane-to-oxygen ratios (Hanson & Hanson 1996). Type X methanotrophs,
such as Methylococcus capsulatus Bath, possess characteristics of both Type I and Type
II methanotrophs.
Both pMMO and sMMO are capable of CAH oxidation, but sMMO is much more
non-specific with respect to potential substrates; it can rapidly oxidize all the CEs except
9

PCE (Fox et al. 1990). Of those methanotrophs that produce sMMO, Methylosinus
trichosporium OB3b has been the focus of many studies (Fox et al. 1989; Fox et al. 1991;
Janssen & Dekoning 1995; Chang & Alvarez-Cohen 1996; Sullivan et al. 1998; Tsien et
al. 1989; Aziz et al. 1999; Lee et al. 2006;). Not only can Methylosinus trichosporium
OB3b produce sMMO but it can also switch between sMMO and pMMO under different
oxygen and copper concentrations (Sullivan et al. 1998).
The sMMO enzymes produced by methanotrophic bacteria catalyze a wide range
of oxidative reactions, including the epoxidation of alkenes, and the hydroxylation of
alkanes (Colby et al. 1977; Patel et al. 1982; Alvarez-Cohen & McCarty 1991;). Of
these, the oxidation of TCE has been widely studied with high rates of cometabolic
degradation found by sMMO-producing methanotrophs. The pathway for CH4 oxidation
and TCE cometabolic degradation is shown in Figure 1.3. The oxidation of methane
yields methanol, which can subsequently be oxidized to formaldehyde, then formic acid,
and finally to CO2 (equations 1a-d) (Sullivan et al. 1998). Equation 1 represents the
overall reaction.
CH4 + 1/2O2 → CH3OH

(1a)

CH3OH + 1/2O2 → HCHO + H2O

(1b)

HCHO + 1/2O2 → HCOOH

(1c)

HCOOH + 1/2O2 → CO2 + H2O
(1d)
_____________________________________________________________________
CH4 + 2O2 → CO2 + 2H2O

(1)

The cometabolic oxidation of TCE by methanotrophs is mostly an epoxidation
process initiated by the sMMO with NADH as an intermediate energy source (equation
2) (Chang & Alvarez-Cohen 1995; Fox et al. 1990). With a half-life of 12 s, TCE
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epoxide spontaneously breaks down in water to form dichloroacetic acid (equation 3),
glyoxylic acid (equation 4), or one-carbon compounds such as formic acid or carbon
monoxide (CO) (equation 5) (Miller & Guengerich 1982; Fogel et al. 1986; Nelson et al.
1987; Little et al. 1988; Fox et al. 1989; Oldenhuis et al. 1989; Tsien et al. 1989; Fox et
al. 1990; Alvarez-Cohen & Speitel 2001). Formic acid and CO can be further oxidized
by methanotrophic bacteria to CO2 (Little et al. 1988). The other non-chlorinated
oxidation products can then be easily mineralized by the heterotrophic bacteria.
HClC-CCl2 + H2O→ HClCOCCl2 (TCE expoxide) + 2H+ + 2e-

(2)

HClCOCCl2+ H2O → HCl2C-COOH (dichloroacetic acid) + HCl

(3)

HClCOCCl2 + 2H2O → HCO-COOH (glyoxylic acid) + 3HCl

(4)

HClCOCCl2 + 2H2O → HCOOH (formic acid) + CO + 3HCl

(5)

In addition to the epoxide, TCE can less commonly be converted into CO2 by
equation 2, which proceeds through chloral hydrate (equation 6a) and then
trichloroethanol and trichloroacetic acid, and finally to CO2 (equations 6 b-c) (Fetzner &
Lingens 1994).
HClC-CCl2 + 2H2O → Cl3C-C(OH)2 (chloral hydrate)+ 2H+ + 2e-

(6a)

Cl3C-C(OH)2 + 2H+ + 2e- → Cl3C-CH2OH (trichloroethanol) + H2O
1

+

Cl3C-CH2OH + /2O2 → Cl3C-COOH (trichloracetic acid) + 2H + 2e

(6b)
-

(6c)

Cl3C-COOH + O2 + 2H+ + 2e-→ 2CO2 + 3HCl
(6d)
_____________________________________________________________________
HClC-CCl2 + H2O + 3/2O2 → 2CO2 + 3HCl

(6)

Other CAHs have been found to be oxidized cometabolically with CH4 as the
growth substrate (Fogel et al. 1986; Aziz et al. 1999; Lee et al. 2006). Although specific
pathways and degradation products are not clealy identified in the literature, studies have
found cometabolic oxidation of CAs such as 1,2-DCA, 1,1,2-TCA, 1,1,1-TCA, and even
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1,1,2,2-TeCA, which is usually considered non-biodegradable in aerobic metabolic
conditions (Chang & Alvarez-Cohen 1996; Frascari et al. 2006).
A reaction sequence similar to TCE degradation has been proposed for
cometabolic degradation of VC by methanotrophs; in this degradation sequence VC is
oxidized by the sMMO to chlorooxirane, which can rapidly rearrange to
chloroacetaldehyde or hydrolyze to glycoaldehyde (Guengerich et al. 1979), both of
which can be metabolized by heterotrophic bacteria (Fogel et al. 1986). Studies have also
found that DCE isomers can also form epoxides (Janssen et al. 1988; Oldenhuis et al.
1989; Arvin 1991; Lauritsen & Gylling 1995; Arcangeli et al. 1996). Similarly, it has
been suggested that trans-1,2-DCE-epoxide, gets hydrolyzed to glyoxal, and then further
mineralized (Janssen et al. 1988).
CAHs have been found to be transformed cometabolically with ammonia as the
growth substrate and oxygen as the electron acceptor. The investigations of ammonia as
growth substrate for aerobic cometabolic CAH degradation is fewer than studies with
CH4, most such studies focused on pure or enriched cultures of Nitrosomonas europaea
(Hyman et al. 1988; Rasche et al. 1990; Vannelli et al. 1990; Rasche et al. 1991; Hopkins
et al. 1993a; Hopkins et al. 1993b; Hyman et al. 1995; Ely et al. 1997; Moran & Hickey
1997; Yang et al. 1999; Kocamemi & Cecen 2005). Nitrosomonas europaea is an
obligate chemolithotroph generally found in environments with high ammonia
concentrations (Koops & Pommerening-Roser 2001), and it can cometabolically oxidize
a wide variety of CAHs with varying efficiencies, as summarized below. Rasche et al.
(1991) examined. The cometabolic oxidation of 16 CAHs by Nitrosomonas europaea
with ammonia was examined, and grouped them into three categories based on their
12

behavior and effects on the bacteria. PCE was in the category I since it was not oxidized
cometabolically. In category II, CAH compounds, chloroethane and 1,2-DCA were
cometabolically transformed by Nitrosomonas europaea without significant cellular
injury. Finally, category III CAH compounds, TCE, DCE isomers, VC, 1,1,1,2-PCA,
111- and 112-TCAs, and 1,1-DCA were transformed by the bacteria but caused
substantial cellular injury in the process. Studies with aerobic cometabolic TCE
oxidation in nitrifying conditions has been the focus of much research, first demonstrated
by Arciero et al. (1989) followed by several additional studies (Hyman et al. 1988;
Rasche et al. 1990; Rasche et al. 1991; Ely et al. 1995; Hyman et al. 1995; Ely et al.
1997; Moran & Hickey 1997; Hommes et al. 1998; Yang et al. 1999; Kocamemi & Cecen
2005; Kocamemi & Cecen 2007).
The cometabolic oxidation of CAHs is indicated by substrate depletion, chloride
release, and product formation (Rasche et al. 1991). The products formed is consistent
with a reaction pathway involving simple hydroxylation of a carbon-hydrogen bond, or
an oxidative dehalogenation (Rasche et al. 1991). Some of the products from CA
oxidation that have been identified include the following: acetaldehyde from
chloroethane (Rasche et al. 1990; Hommes et al. 1998), 2,2,2-trichloroethanol from 1,1,1TCA (Hommes et al. 1998), chloroacetaldehyde from 1,2-DCA (Rasche et al. 1991); and
chloral hydrate from 1,1,1,2-PCA (Rasche et al. 1991). Further, the TCE oxidation by
ammonia monooxygenase has been suggested to results in a chlorinated epoxide similar
to its oxidation with sMMO (Rasche et al. 1991) (Figure 1.3).
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1.3

METHANE AND AMMONIA IN WETLAND
Wetlands are a major source of atmospheric CH4 due to the abundance of labile

organic material within the wetland soil. CH4 producing bacteria or methanogens can use
this organic material for CH4 production in the anaerobic portions of the wetland where
alternative electron acceptors (nitrate, Fe(III), and sulfate) have been depleted. CH4
production or methanogenesis requires a series of reaction steps, involving two main
substrates (H2 coupled to CO2, and acetate) that are derived from the breakdown of
organic material by hydrolytic and fermenting bacteria (Whalen 2005). Acetotrophic
methanogens produce CH4 through a fermentative breakdown of acetate shown in
equation 7, while hydrogenotrophic methanogens utilize H2 as an electron donor for the
reduction of CO2 as shown in equation 8 below (Whalen 2005):
CH3COOH → CH4 + CO2

(7)

4H2 + CO2 → CH4 + 2H2O

(8)

CH4 emissions from the wetlands can be reduced by its oxidation by microbial
processes in near surface aerobic environments. In vegetated and waterlogged wetlands,
CH4 oxidation in the presence of oxygen occurs either at the sediment-floodwater
interface or in the rhizosphere where oxygen leaks from the roots of emergent plants
(Armstrong & Armstrong 1991; Frenzel et al. 1992; Popp et al. 2000; Broholm et al.
2005). As CH4 diffuses from the bulk soil into the rhizosphere, the CH4-oxidizing
(methanotrophic) bacteria inhabiting the surface of the plant roots can facilitate CH4
oxidation in the presence of O2 (Shannon et al. 1996; Bosse & Frenzel 1998; Brune et al.
2000; Ding et al. 2005). The methanotrophic bacteria in the plant rhizosphere can
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consume a substantial portion of the CH4 produced in the bulk wetland soil (King 1996;
Calhoun & King 1997; Bosse & Frenzel 1998).
Type I methanotrophs are more common in the water columns of lakes and in the
upper portion of lake sediment; whereas, Type II are more likely found in areas such as
the roots of wetland plants. Most studies have found Type II populations, mainly
Methylocystis spp., primarily dominate in wetland sediments (Gilbert & Frenzel 1998;
van Bodegom et al. 2001; Horz et al. 2002) and on wetland plant roots (Calhoun & King
1997). However, in another study approximately equal numbers of Type I and Type II
methanotrophs were found with wetland sediments (DeJournett et al. 2007).
Wetlands rich in organic matter can result in the production of ammonia during
breakdown of organic matter via ammonification, where the organic nitrogen is converted
to ammonia (Atlas 1993). Ammonia that accumulates in the anaerobic areas of the
wetland can diffuse upward along concentration gradient or advect with flowing
groundwater into the shallow zones of the vegetated wetland and pass through the root
zone (Reddy et al. 1989). In the presence of O2, ammonia is oxidized to nitrite and then
to nitrate facilitated by the microbial process commonly known as nitrification. This
multistep reaction is catalyzed by the action of two enzymes: (1) ammonia
monooxygenase, which oxidizes ammonia to hydroxylamine in a reductant-dependent
reaction, and (2) hydroxylamine oxidoreductase, which oxidizes hydroxylamine to nitrite
(Atlas 1993). The biological oxidation of ammonia to nitrite is shown in equation 9, and
nitrite oxidation to nitrate is shown in equation 10.
NH4+ + 3/2O2 →2H+ + H2O + NO2-

NO2 + ½O2 →NO3

(9)

-

(10)
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1.4

CAH BIODEGRADATION IN WETLANDS: FIELD INVESTIGATIONS
AT WRIGHT-PATTERSON AFB RESEARCH SITE
An upward-flowing wetland research facility was constructed in the year 2000, at

the Wright-Patterson Air Force Base or WPAFB (Dayton, OH), for the removal of PCE
in the groundwater, found at roughly 35µg L-1 in the nearby contaminated aquifer (Amon
et al. 2007). The project was initiated in 1999 by a team of interdisciplinary scientists
(Professors J.P. Amon and A. Agrawal of Wright State University, and Professor M.L.
Shelley of the Air Force Institute of Technology, Ohio) with seed funding from the Ohio
Board of Regents, the Ohio Environmental Protection Agency, and the US Department of
Defense. The concept of a constructed wetland for the passive treatment of groundwater
contaminated with toxic chlorinated organic compounds was novel and high-risk, as it
was based on just one study that demonstrated the ability of a natural wetland to attenuate
chlorinated organic chemicals (Lorah 1999; Jones 2004; Lorah & Voytek 2004). Several
reports have been published since then (Richard 2004) about the field study and benchscale validations, which provide the microbiological and geochemical basis for the
degradation of the toxic chlorinated organics at a natural wetland site in Aberdeen
Proving Grounds, MD. In 2004, preliminary results of applying a constructed wetland
for the treatment of TCE-contaminated groundwater were reported (Slusser 2001; Bugg
2002; Entingh 2002; Opperman 2002; Clemmer 2003; Kovacic 2003; Bondurant 2004;
Lach 2004; Sobolewski 2004; Mohamud 2007).
The pilot-scale treatment wetland at WPAFB was constructed in an excavated-pit
(37m x 18m, & 1.5m deep), lined with a 12-inch thick clay layer and PVC geomembrane
for hydraulic isolation from the underlying soil/aquifer. The excavated pit was then filled
with a gravel layer at the bottom, and 3 layers of hydric soil obtained from a nearby
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drained wetland. The plumbing at the site allows the PCE-contaminated groundwater to
be pumped into this system at the bottom. The water flows upward through the hydric
soil zones, emerging at the wetland surface and flowing into a sewer. The residence time
of the water within the treatment wetland is ~4 days. The WPAFB constructed wetland
has 66 clusters of piezometers, installed in a 6x11 grid, and each cluster has 3 stainlesssteel drive-point piezometers (Solinst Model 615S) screened at different depths for
groundwater sampling. The depths of the piezometer screens (137, 90 and 46 cm below
ground surface) correspond to the gravel, lower, and middle layers of the wetland soil.
The site was planted with multiple species and some roots now extend the full depth of
the wetland.
Field investigation at the site began in Dec. 2001. The groundwater samples were
sampled during two different seasons; during plant dormancy in the late fall and winter
months (2001-‗03) and during active plant growth in the summer and early fall (Jul and
Sept. 2003). The results from these studies were published in several MS theses
(Clemmer 2003; Lach 2004; Sobolewski 2004) and a compilation of the work is in the
Ecological Engineering Journal (Amon et al. 2007). Vertical profiles of terminal electron
acceptors and other dissolved species from pore water analysis have provided evidence
that a normal sequence of electron accepting conditions exists with nitrate reduction in
the gravel layer and lower layer followed by overlapping zones of sulfate and Fe(III)
reduction and methongenesis in the lower layer. At the shallower depth, the redox
conditions become more oxidizing as evident from a sharp drop in methane and Fe(II)
concentrations (Lorah & Olsen 1999). The recent results indicate influence of season and
vegetation on redox conditions; generally lower concentrations of electron acceptors were
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observed in the warmer months, suggesting the role of vegetation on microbiallymediated redox processes.
The geochemical data collected from the treatment wetland site in 2003 showed
(Lorah & Olsen 1999) PCE degradation in the treatment wetland, as measured by its
disappearance along with formation of its daughter products, e.g., TCE, DCEs, and VC.
There is increasing evidence in 2005-‘06 that the degradation of PCE and its daughter
products may occur more rapidly and perhaps differently than in a typical shallow aquifer
by processes and pathways characteristic only to a wetland. In the deeper, anaerobic
portions of the wetland that are dominated by sulfate reducing and methanogenic
conditions, PCE degradation into daughter CEs may occur by hydrogenolysis (Lach
2004; Amon et al. 2007). However, daughter CEs appear to readily degrade at the
shallower depths at this site.
1.5

RESEARCH GOALS AND OBJECTIVES


Develop sampling procedures for wetland field application of newly designed pore
water samplers.



Provide a high-resolution biogeochemical characterization of pore water parameters
including electron accepting conditions and PCE degradation potential in the
WPAFB constructed wetland using newly designed pore water samplers.



Compare the activities and TCE degradation potential of methane oxidizers and
ammonia oxidizers naturally associated with washed soil-free roots of the wetland
plants species, Carex comosa.
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Evaluate the root morphology of two wetland sedge plants, Carex comosa and
Scirpus atrovirens, and the corresponding influences on methane-oxidizing activity
and TCE degradation potential in the presence of methane.



Determine the degradation potential and kinetics of TCE, cisDCE, and 1,1,1TCA by
methane oxidizers naturally associated with the roots of Carex comosa.

1.6
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Figure 1.1

Microbial reductive dechlorination pathways for CAHs

Microbial reductive dechlorination pathways for CAHs modified from Lorah et al. (1999)
and Aulenta et al. (2006). Reductive biodegradation of oxidized organic compounds can
occur via hydrogenolysis, in which the chlorinated compound is sequentially reduced to
daughter products by removal of single chlorine in each step. Chlorinated ethanes can also
be dechlorinated by dichloroelimination pathway where two chlorines are removed and a
double bond is formed between the two carbon atoms with a net input of two electrons.
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Figure 1.2

Redox processes in the root zone of wetland plants

Oxidation and reduction processes that can occur in the root zone of wetland plants as
(modified after Liesack et al. 2000). Oxygen transported into the roots for plant
respiration can leak into the surrounding soil and react with reduced geochemical
constituents (methane, HS-, Fe2+, Mn2+, NH4+, etc., as shown); the oxidized products
(CO2, SO42-, Fe3+, Mn4+, NO3-, etc.) can migrate to the anaerobic soil adjacent to the root
and get reduced again. This process represents biogeochemical cycling of redoxsensitive species in plant roots.
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Figure 1.3

Cometabolic oxidation pathways for TCE with methane

Cometabolic oxidation pathways for TCE with methane as the growth substrate modified
from Little et al. (1988), Fetzner and Lingens et al. (1994), and Arp (2001). The
oxidation of methane (1) by sMMO yields methanol (2), which can subsequently be
oxidized to formaldehyde (3), then formic acid (4), and finally CO2 (Sullivan et al. 1998).
TCE (5) is cometabolically oxidized by sMMO either by a pathway with intermediates
such as chloral hydrate (6) and then trichloroacetic acid (7); alternatively, TCE is
oxidized to TCE epoxide (8), which can spontaneously break down in water to form
formic acid (4) and carbon monoxide (9), glyoxylic acid (10), or dichloroacetic acid (11).
These products can then be easily mineralized by the heterotrophic or methanotrophic
bacteria to CO2.
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Table 1.1

Descriptive information for CAHs

Abbreviation, chemical formula, and chemical structure of common CAHs. Molecular
structure (http://en.wikipedia.org/wiki/Main_Page ; Ryoo et al. 2000)
Compound

Abbreviation

Chemical
Formula

Tetrachloroethene

PCE

C2Cl4

Trichloroethene

TCE

C2HCl3

Dichloroethene isomers

DCEs

C2H2Cl2

1,1-DCE
cis-1,2-DCE
trans-1,2DCE
Chloroethene
(Vinyl Chloride)
Tetrachloroethane Isomers

VC

C2H3Cl

TeCAs

C2H2Cl4

1,1,1,2-PCA
1,1,2,2-PCA
Trichloroethane Isomers

TCAs

C2H3Cl3

1,1,1-TCA
1,1,2-TCA
Dichloroethane Isomers

DCAs

C2H4Cl2

1,1-DCA
1,2-DCA
Chloroethane

C2H5Cl
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Chemical Structure

Table 1.2

Gibbs free energy values for aerobic mineralization of CEs and CAs

Gibbs free energy values for aerobic mineralization of CEs and CAs modified from
Janssen and De Koning (1995) and Vlieg et al. (2001).
Compound

Reaction

ΔGº´(kJ/mole)

PCE
TCE
1,1-DCE
cis-1,2-DCE
trans-1,2-DCE
VC
1,1,1,2-PCA
1,1,1-TCA
1,1-DCA
1,2-DCA
chloroethane

C2Cl4 + 2H2O + O2 → 2CO2 + 4HCl
C2HCl3 + H2O + 3/2O2 → 2CO2 + 3HCl
C2H2Cl2 + 2O2 → 2CO2 + 2HCl
C2H2Cl2 + 2O2 → 2CO2 + 2HCl
C2H2Cl2 + 2O2 → 2CO2 + 2HCl
C2H3Cl + 5/2O2 → 2CO2 + HCl + H2O
C2H2Cl4 + H2O + 3/2O2 → 2CO2 + 4HCl
C2H3Cl3 + 2O2 → 2CO2 + 3HCl
C2H4Cl2 + 5/2O2 → 2CO2 + 2HCl + H2O
C2H4Cl2 + 5/2O2 → 2CO2 + 2HCl + H2O
C2H5Cl + 3O2 → 2CO2 + HCl + 2H2O

-1006
-1072
-1143
-1143
-1145
-1237
-1142
-1217
-1283
-1279
-1381
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2
NATURAL ATTENUATION OF CHLORINATED ETHENES IN AN
UPWARD-FLOW TREATMENT WETLAND: HIGH-RESOLUTION VERTICAL
GEOCHEMICAL CHARACTERIZATION BY NOVEL PORE WATER
SAMPLERS

2.1

INTRODUCTION
Chlorinated solvents are groundwater contaminants of major concern due to the

threat they pose to human health as known or suspected carcinogens. As such it is
important to understand their natural attenuation processes in the environment, which
includes

sorption,

transformations.

dilution,

volatilization,

and

chemical

and

microbiological

Of these, an in-depth understanding of the microbiological

transformation or biodegradation processes is especially important because they can be
applied as a natural, cost-effective remediation practice.

Recent studies have

demonstrated that natural wetlands can be effective in treating groundwater contaminated
with chlorinated solvents through biodegradation (Lorah 1999; Lorah & Olsen 1999;
Lorah & Voytek 2004).

Wetlands promote biological activity and provide unique

environments for both oxidative and reductive biodegradation (Amon et al. 2007; Imfeld
et al. 2009), which together can allow for complete removal of chlorinated solvents from
groundwater. Based on the potential for pollutant destruction, constructed wetlands have
been proposed as a technology for the treatment of groundwater contaminated with
chlorinated solvents (Kassenga et al. 2004; Kassenga & Pardue 2006; Amon et al. 2007).
Wetland environments have abundant supply of natural organic carbon that can
provide electron donors such as hydrogen and volatile fatty acids (Westermann 1994;
Conrad 1999; Kao & Lei 2000; Kassenga et al. 2004; Kassenga & Pardue 2006). These
electron donors can support metabolic microbial reduction by the process known as
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halorespiration where the chlorinated compounds act as the terminal electron acceptors
(Kassenga et al. 2004). CAHs can also be reduced cometabolically in Fe(III)-reducing
(Aulenta et al. 2006), sulfate-reducing, methanogenic, or acetogenic conditions (Bradley
2000; Kassenga et al. 2004). Of these, methanogenic conditions have been found to
result in more complete degradation of CAHs to non-toxic end products, such as ethane
and ethene (Freedman & Gossett 1989). Reductive biodegradation of oxidized organic
compounds, such as tetrachloroethene (PCE), can occur via hydrogenolysis (Aulenta et al.
2006), in which PCE is sequentially reduced to daughter products such as trichloroethene
(TCE), dichloroethene isomers (DCEs), vinyl chloride (VC), and ethene (Aulenta et al. 2006)
by removal of single chlorine in each step. Chlorinated ethanes can also be dechlorinated by
dichloroelimination pathway where two chlorines are removed and a double bond is
formed between the two carbon atoms with a net input of two electrons (Aulenta et al.
2006). This pathway allows tetrachloroethane (TeCA) to be reduced to DCE isomers (Lorah
& Olsen 1999; Lorah & Voytek 2004).
If complete degradation of CAHs does not occur through reductive dechlorination,
less chlorinated daughter CAHs, such as DCEs and VC, can accumulate in the anaerobic
zones of wetland environments (Lorah & Olsen 1999; Lorah & Voytek 2004). However,
less chlorinated aliphatic hydrocarbons compounds have the potential to undergo
oxidative biodegradation.

This can occur in the anaerobic soil coupled to Fe(III)

reduction (Bradley & Chapelle 1996; Bradley & Chapelle 1997; Bradley & Chapelle
1998b), sulfate reduction (Bradley & Chapelle 1998b), humic acid reduction (Bradley et
al. 1998), and CO2 reduction or methanogenesis (Bradley & Chapelle 1999). Oxidative
degradation of less chlorinated aliphatic hydrocarbons can also occur in the presence of
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oxygen in the near-surface environments of the wetland as well as in the root zone,
particularly the rhizosphere, of wetland plants (Anderson et al. 1993; Anderson & Walton
1995; Bankston et al. 2002).

Plants growing in waterlogged, anaerobic wetland

environments must themselves provide oxygen to their roots because of the slow
diffusivity of oxygen in water compared to air. This is accomplished via a high-porosity
continuous gas space within the plant tissue called the aerenchyma, a specialized tissue
that supports enhanced longitudinal transport of oxygen from plant shoots to their roots
(Justin & Armstrong 1987; Armstrong et al. 2000; Colmer 2003). In the process, some of
this oxygen can leak into the immediate soil environment surrounding the roots, referred
to as radial oxygen loss (ROL) (Hinsinger et al. 2006). ROL can provide aerobic
microenvironment surrounding the plant roots in an otherwise anaerobic soil in shallow
vegetated wetlands, and facilitate oxidative degradation of less-chlorinated aliphatic
hydrocarbons by metabolic and cometabolic processes in plant roots. Only two lesschlorinated ethenes, DCE isomers (Klier et al. 1999; Bradley & Chapelle 1998a; Bradley
2000; Bradley & Chapelle 2000; Coleman et al. 2002a; Broholm et al. 2005) and VC
(Davis & Carpenter 1990; Coleman et al. 2002b; Fathepure et al. 2005), and a chlorinated
ethane, 1,2,-DCA (Stucki et al. 1983; Janssen et al. 1985; Vandenbergh & Kunka 1988;
Vandenwijngaard et al. 1992; Janssen et al. 1995; Janssen & Dekoning 1995; Klecka et
al. 1998; Hage & Hartmans 1999; Hage et al. 2001), have been reported as the sole
carbon source for microbial metabolism.
When chlorinated solvents are degraded cometabolically, a primary substrate is
needed to initiate the production of suitable oxygenases (Bradley 2000).

These

substances provide an energy source and induce production of the oxygenase-expressing

50

cometabolic enzymes (Alvarez-Cohen & Speitel 2001). Numerous growth substrates
have been identified, including methane (CH4) (Fogel et al. 1986; Little et al. 1988;
Chang & Alvarez-Cohen 1996; Broholm et al. 2005), toluene (Wackett & Gibson 1988;
Shields et al. 1989a; Shields et al. 1989b; Zylstra et al. 1989) phenol (Folsom et al. 1990;
Harker & Kim 1990; Hopkins et al. 1993), ethene (Debont & Harder 1978; Hartmans et
al. 1991; Weber et al. 1992; Freedman & Herz 1996; Koziollek et al. 1999; Verce et al.
2001) , and ammonia (Arciero et al. 1989; Rasche et al. 1991; Vannelli et al. 1990;
Arcangeli et al. 1996). Many of these substrates are found in wetland environments,
making them available to the appropriate microorganisms as growth and energy sources;
in particular, CH4 and ammonia can be readily available due to the high soil organic
matter content and its breakdown by fermentation (Whalen 2005)and ammonification
processes (Jackson et al. 2008). Plants also secrete organic compounds, such as phenols,
which can be used as substrates (Chen et al. 2004).
2.1.1

Biogeochemical Processes in the Experimental Wetland

The chlorinated solvent degradation in wetlands is influenced by the availability of
electron donors and acceptors and the associated microbial activities. The availability of
oxygen in the shallow subsurface in the wetland may depend on the influx of oxygen by
diffusion and the consumption of oxygen by the soil organisms and by chemical
oxidation (Bedford et al. 1991; Ratering & Schnell 2000). Redox gradient can result as
the oxygen gets depleted by the different physiological groups of microorganisms. When
a subsurface environment become anaerobic after being aerobic, the electron acceptors
are reduced sequentially in the following order by their corresponding bacteria: nitrate,
Mn (IV), Fe(III), sulfate, and CO2 (Ratering & Schnell 2000). If the subsurface
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environment gets fresh influx of oxygen and becomes aerobic again, reduced species,
such as Fe(II), sulfide, and ammonium, can be re-oxidized creating a cycling effect. Such
a change in redox environment can result from periodic flooding or fluctuations in the
water table in the wetlands.
2.1.1.1 Nitrogen cycling in shallow, vegetated wetlands
A nitrogen cycle can exist in vegetated wetlands, which involves both nitrification
and denitrification processes (Jackson et al. 2008). The process of nitrification is the
microbiological oxidation of ammonia to nitrite, and nitrite to nitrate. Denitrification
(also called nitrate respiration) can occur via dissimilatory means by two pathways (Atlas
1993). In the first pathway, under anaerobic condition the nitrate-reducing bacteria can
transform nitrate to nitrite coupled to electron transport phosphorylation that generates
energy, or it can be reduced further via hydrolylamine to ammonia, called nitrate
ammonification (Atlas 1993; Megonigal 2004). The second pathway of microbial nitrate
reduction to nitrogen also occurs in the anaerobic environment, and it proceeds via the
conversion of nitrate through nitrite to nitric oxide (N2O), and nitrous oxide (NO), to then
finally to nitrogen gas (N2) (Atlas 1993; Megonigal 2004). In wetlands environments,
this pathway of nitrate reduction to gaseous nitrogen products (N2O and N2) has been
linked with the nitrification process in the plant rhizosphere (Reddy et al. 1989; Arth et
al. 1998). The nitrogen cycle in the shallow vegetated wetland settings is initiated by the
diffusion of dissolved ammonia from the surrounding anaerobic soil into the plant
rhizosphere. The ammonia is then oxidized in the rhizosphere to form nitrate (Reddy et
al. 1989; Arth et al. 1998), which can be taken up either by the plant roots or it can
diffuse into the adjacent anaerobic soil where it undergoes denitrification microbially and
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transforms into gaseous N2O and N2, which then can diffuse through the roots and into
the atmosphere (Jackson et al. 2008).
2.1.1.2 Iron cycling in shallow, vegetated wetlands
Iron in wetland environments can be found in the reduced, more soluble and
mobile form as Fe(II) or in the oxidized, less soluble and solid/immobile form as Fe(III).
In the Fe(III) form, iron exists as oxides, hydroxides or oxyhydroxides, which are
commonly found on the roots of wetland plants (Bacha & Hossner 1977; Chen et al.
1980; Taylor et al. 1984; Hansel et al. 2001; Weiss et al. 2004), often referred to as ‗iron
plaque‘. The formation of iron plaque can lead to biogeochemical cycling of iron,
involving both Fe(II) and Fe(III) forms in alternating oxidation and reduction processes,
respectively, both of which can be microbially mediated (the overall phenomenon
sometimes referred to as ―ferrous wheel‖). As microbially-produced Fe(II) encounters an
anaerobic-aerobic interface (in the sediment or in plant rhizosphere), this creates a
potential habitat for iron-oxidizing bacteria (FeOB) and the aqueous Fe(II) is converted
into solid Fe(III) oxyhydroxide phases.

In producing solid (amorphous, or poorly

crystalline) Fe(III) oxyhydroxides (Weiss et al. 2004; Weiss et al. 2005), the FeOB create
an excellent substrate for Fe(III)-reducing bacteria (FeRB) to be utilized in the anaerobic
zones of the shallow wetlands.

The microbial reduction of Fe(III) oxides as part of the

iron cycling has important biogeochemical implications; (a) microbial Fe(III) reduction
can suppress both sulfate reduction (Kostka et al. 2002a; Kostka et al. 2002b), and CH4
production (Roden & Zachara 1996; van der Nat & Middelburg 1998; Frenzel et al. 1999;
King & Garey 1999; Neubauer et al. 2005) as FeRB can outcompete sulfate reducing
bacteria (SRBs) and methanogens for substrate (Lovley & Phillips 1987). FeRB are also
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capable of coupling Fe(III)-reduction with oxidation of organic pollutants (Bradley &
Chapelle 1996; Bradley & Chapelle 1997; Bradley & Chapelle 1998b).
2.1.1.3 Sulfur cycling in shallow, vegetated wetlands
Sulfur is cycled in the wetland between sulfide (HS-), its most reduced form, and
sulfate, its most oxidized form, but sulfur can exist in a number of intermediate redox
forms (Megonigal 2004). In anaerobic conditions, sulfate can undergo reduction to
hydrogen sulfide (H2S) by the activity of SRBs. However, reduced sulfur as H2S can be
chemically or microbially oxidized to thiosulfate, or get incorporated into iron sulfides
(Rickard & Luther 2007) or organic matter (Blodau et al. 2007; Brown 1985; Brown
1986). Thiosulfate can also undergo disproportionation into sulfate, elemental sulfur (S0)
and H2S, which is facilitated by the SRBs (Jorgensen 1990; Jorgensen & Bak 1991). The
wetland plants can support sulfur cycling through microbial oxidation of sulfide to sulfate
in the plant rhizosphere due to O2 availability from the roots by ROL (Wind & Conrad
1997; Liesack et al. 2000). The sulfate thus formed is then either taken up by the plants
or diffuse away into the adjacent anaerobic soil where it can get reduced microbially back
to sulfide (Wind & Conrad 1997). Microcosm studies with rice plants has shown greater
sulfate reduction in the soil adjacent to the root surface (Wind & Conrad 1997). Further
details on sulfur cycling in the vegetated wetland is summarized elsewhere (Evans et al.
1997).
2.1.1.4 Methane in shallow, vegetated wetlands
Wetlands are a major source of atmospheric CH4 by the activity of methanogenic
bacteria due to the abundance of labile organic material within the wetland soil. The

54

production of CH4 in the wetland soil is fueled by the decay of organic matter in the
anaerobic portions of the wetland, where electron acceptors, such as nitrate, Fe(III), and
sulfate, have been depleted. CH4 can be produced in the wetland by methanogenic
microorganisms through a series of steps, involving two main substrates hydrogen (H2)
and acetate, derived from hydrolytic and fermenting bacteria that decompose complex
organic matter (Megonigal 2004; Whalen 2005). Acetotrophic methanogens produce
CH4 through fermentation of acetate, while hydrogenotrophic methanogens produce CH4
by utilizing H2 as an electron donor for the reduction of CO2 (Megonigal 2004; Whalen
2005). In vegetated wetlands, CH4 oxidation in the presence of O2 occurs either shallow
aerobic soil just above the water table, at the sediment-water interface in flooded
wetlands, or in plant rhizosphere by O2 from the roots of emergent plants (Armstrong &
Armstrong 1991; Frenzel et al. 1992; Popp et al. 2000; Broholm et al. 2005).

In

vegetated wetalnds, as CH4 diffuses from the bulk reducing soil into plant rhizosphere,
the methane-oxidizing (also called methanotrophic) bacteria inhabiting the surface of the
plant roots can facilitate CH4 oxidation in the presence of O2 (Shannon et al. 1996; Bosse
& Frenzel 1998; Brune et al. 2000; Ding et al. 2005). The methanotrophic bacteria in the
plant rhizosphere can oxidize a substantial portion of CH4 produced in the bulk wetland
soil (King 1996; Calhoun & King 1997; Bosse & Frenzel 1998; Gilbert & Frenzel 1998).
2.1.2

Measurement of pore water chemistry in wetlands
A detailed characterization of the pore water chemistry is critical for determining

the ambient geochemical parameters and redox conditions of the subsurface, including
shallow and deep soil zones. This can be accomplished by several approaches and
methods originally developed for measuring trace metal and ion concentrations in pore
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water from a wide variety of environments. Conventional methods rely on either in situ
or ex situ techniques for obtaining pore water samples (Bufflap & Allen 1995); ex situ
techniques are the older of the two methods, and they include approaches to extract the
pore-water by squeezing and centrifuging the sediments. (Bufflap & Allen 1995). The ex
situ techniques of pore water extraction require removal of sediments from their natural
environments, thereby potentially introducing sampling artifacts, caused by changes in
temperature and pressure, contamination due to exposure to oxygen, etc., which can
introduce error in analytical results. The in situ pore water sampling techniques have
been developed to minimize sampling artifacts, and they utilize the following field
devices: suction filtration (Makemson 1972; Nayar et al. 2006), rhizon extraction
(Seeberg-Elverfeldt et al. 2005), and equilibrium dialysis (Hesslein 1976; Mayer 1976);
among these, dialysis samplers have been proven to be effective sampling devices
(Hesslein 1976; Mayer 1976) that consist of discrete chambers, each with one or two
opening(s) covered with dialysis membranes. The dialysis sampler (each with numerous
chambers) is manually placed in the subsurface where the pore water is in contact with
the membrane; prior to their placement, the sample chambers are filled with distilled and
de-ionized water that slowly come to equilibrium with the sediment pore-water after
passing through a dialysis membrane (Hesslein 1976). The water contained in each
chamber after equilibration is then removed for geochemical analysis. These samplers
can discriminate against various large size molecules in aqueous phase by using a dialysis
membrane of a desired size, and the membranes also exclude the particulate matter, thus
eliminating the need for filtration (Hesslein 1976).
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The application of dialysis samplers for pore-water geochemical characterization
originated with Mayan (1976) and Hesslein (1976). Mayan (1976) used dialysis bags that
consisted of a perforated Plexiglas tube separated into chambers by rubber washers fitted
over an inserted Plexiglas rod. Each chamber consisted of one dialysis bag wrapped
around the Plexiglas rod. Hesslein‘s sampler, also called a ‗peeper‘, was fabricated using
a similar concept but a different design: two clear Plexiglas sheets of a thinner (0.32 cm)
and thicker (1.27 cm) thickness, where the thicker sheet had compartments to house 4mL
water samples.

Hesslein‘s sampler was prepared by filling the compartments with

distilled water and carefully laying a piece of dialysis membrane over the full
compartments so that any air bubbles were excluded. The thinner acrylic sheet was laid
over the membrane and the sheets were screwed together with nylon screws. The whole
sampler was then placed in a closed bath of degassed distilled water and allowed to lose
most of its dissolved gasses by equilibration. The sampler was then pushed vertically
into the soft, estuarine sediments, and allowed to equilibrate with pore-water for two
weeks.
Hesslein‘s sampler design has been replicated with modifications in numerous
geochemical studies (Bottomley & Bayly 1984; Carignan 1984; Carignan et al. 1985;
Apte et al. 1989; Magaritz et al. 1989; Kaplan et al. 1991; Carignan et al. 1994; Teasdale
et al. 1995), and the device has been applied to characterize groundwater contaminated
with volatile organic compounds (VOCs) (Lorah & Olsen 1999; Laor 2003; Alvarez et al.
2004; Jackson et al. 2005). Recently, dialysis samplers were developed and employed in
a phytoremediation field study to characterize the degradation of VOCs in the
rhizosphere of trees (Jackson et al. 2005). The design of the dialysis chambers was
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adapted from the original design of the ‗peepers‘ (Hesslein 1976); samplers were
constructed from 1.2 m long, solid Plexiglas tubes approximately 5 cm in diameter.
Multiple cells were cut into the Plexiglas, spaced approximately 7.5 cm on center and
each able to hold approximately 20 ml of water. One side of the cells was covered with
two membranes (0.2μm inner membrane and 0.8μm nylon outer membrane) that would
allow dissolved constituents to equilibrate between the groundwater and the deionized
water placed in the sampler prior to deployment. The samplers remained in the field for a
two-week equilibration period. The equilibrated water was removed from each cell by
insertion of a sterile needle into the cell through the membrane and withdrawing the
water with a syringe. The water was analyzed for chlorinated VOCs, organic acids,
chloride ion, and dissolved gases.
The chemicals profiles of gaseous VOC levels in the unsaturated zone was
measured by a device called multilayer sampler (MLS) at a vertical resolution of less than
3 cm (Laor 2003). The MLS consisted of individual units with chambers connected
together, and separated with flexible Viton seals placed in between units. Each unit had a
stainless steel frame in which stainless steel dialysis cells of 150 mL were inserted at
right angles to each other.

The concentration-depth profiles of the pore-water

constituents including gases in the unsaturated zone were obtained (Laor 2003) by first
filling the MLS chambers with distilled water, closing them with a dialysis membrane,
and crimped in a PVC hoop with a Viton O-ring. The MLS assembly was then placed in
an observation well and equilibrated with the surrounding pore-water for several weeks.
In the present study, a new field device, called pore water sampler (PWS), was
developed for a high-resolution geochemical characterization of the experimental wetland
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receiving VOC-contaminated groundwater. The design of the PWS is inspired by the
samplers described above (Laor 2003; Jackson et al. 2005), but with a simpler, more
rugged construction and closely-spaced vertical resolution; PWS units were employed in
the present study successfully to reconstruct depth-concentration profiles of redox
sensitive species (nitrate, ferrous iron, sulfate, methane) as well as chlorinated ethenes at
shallow depths of the vegetated wetland. The PWS units were deployed in the field for
characterizing the pore water chemistry once a month during the summer of 2008.
2.2

MATERIALS AND METHODS

2.2.1

Experimental Wetland
A pilot-scale, experimental wetland was constructed in the year 2000 at the

Wright-Patterson Air Force Base or WPAFB (Dayton, OH), to investigate the natural
attenuation of chlorinated ethenes in the groundwater passing through the wetland (see
Figure 2.1). The pilot-scale wetland was constructed in an excavated-pit (37m x 18m,
and 1.5m depth), lined with a ~30 cm thick clay layer and PVC geomembrane for
hydraulic isolation from the underlying soil/aquifer (Amon et al., 2007). The excavated
pit was then filled with a gravel layer at the bottom, and three layers of hydric soil
(Figure 2.1) brought in from a drained wetland nearby.

The PCE-contaminated

groundwater was extracted from the underlying aquifer ([PCE] ~35 µg L-1), and pumped
into the experimental wetland at the bottom; the groundwater flowed upward through the
hydric soil layers, emerged at the wetland surface, and then flowed into a sewer. The
residence time of the groundwater passing through the treatment wetland was typically
~4 days. The WPAFB experimental wetland has 66 clusters of piezometers, installed in a
6x11 grid (Figure 2.2), with each cluster having 3 stainless-steel drive-point piezometers
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(Solinst Model 615S) screened at different depths for groundwater sampling. The depths
of the piezometer screens (114, 69 and 23 cm below ground surface; Figure 2.1b)
correspond to the layers C, B and A of the wetland. The site was planted with multiple
species of indigenous species of vegetation, and some plant roots may extend the full
depth of the wetland (Amon et al. 2007).
Biogeochemical investigations of the wetland field site were carried out during
2000-‘08 (Lach 2004; Amon et al. 2007) to characterize the variations in redox-active and
other dissolved species with the help of water samples collected from the 3-D network of
piezometers in the soil layers C, B and A (at depths of 114, 69 and 23 cm below ground
surface). The above approach involving multi-level sampling has provided an insight
into the ambient geochemical processes at the site.
High resolution sampling can provide support for the application of constructed
wetlands as a treatment technology as it can reveal trends and degradation patterns not
obvious from the data provided by piezometers alone. In 2008, PCE and its daughter
products were analyzed in addition to water chemistry parameters to characterize PCE
biodegradation in the wetland. Three 5.08 cm diameter wells were installed in the
wetlands (Figure 2.2: PWS wells 3, 4, and 8) for deployment of newly designed PWS to
gather geochemical data from depths between approximately 20 and 80 cm below the ground
surface, a zone suspected of increased root activity. The retractable and reusable PWS units
provided the variation in water chemistry at 9.21 cm vertical interval, a resolution that could
not achieved by sampling with piezometers alone. The results from PWS units were
combined with measurements from piezometers and from the influent to construct the depth-
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concentration profiles of geochemical parameters at three PWS locations (PW3, PW4, and
PW8).
2.2.2

Pore Water Sampler Design
The passive samplers were made of a solid PVC rod of 4.45 cm diameter

machined to a length of 11.11 cm with a cylindrical 3.18 cm diameter (internal volume:
19.5 mL) cavity bored into the PVC rod from one side to create the sample cavity. The
cylindrical cavity had a rounded bottom to maximize the volume of the cavity. For a
water-tight seal, a 3.8 cm square, 5µm thick porous stainless steel plate (Mott
Corporation, Farmington, CT) was fastened with four #4-40 screws under which is a 0.16
cm thick viton O-ring (3.18 cm inside diameter x 3.49 cm outside diameter). The porewater sampler had sampling ports on both ends with septa material covering the ports
being held in place with 0.64 cm 20 vented screws and washers. The vented screws
allowed access to the sample collection cavity by a sampling syringe and needle. A 5.08
cm outer diameter, 0.32 cm thick Viton washer is placed between each sampler to
provide a tight fit against the well casing and therefore prevent vertical migration of the
wetland water within the monitoring well. The Viton washer isolates each pore-water
sampler and ensures that only the water within each targeted interval has contact with the
respective pore-water sampler. Typically, a set of 6-8 PWS units were attached together,
using 0.64 cm 20 screws, for installation into PW wells, enabling a pore-water sample to
be obtained approximately every 9.21 cm. Figure 2.3 provides design drawings and
photographs of the pore-water sampler prototype.
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2.2.3

Predicted vs. Measured Solute Concentration in PWS chamber
The time required for pore water to diffuse through the PWS faceplates and

sample cavity and reach equilibrium in the field was estimated by calculations and
laboratory evaluation. Fick‘s Second Law of Diffusion (Equation (1)) was used to find
the diffusion rates:
(1)
where C is the concentration of the diffusing substance, x is the space coordinate, D is the
diffusion coefficient, and t is time.
Calculations showed that the diffusion time through the 5µm thick porous
stainless steel faceplate used in the prototype PWS was expected to be an order of
magnitude less than the diffusion time within the sampling cavity (Waldron 2007).
Ignoring the porous plate, the diffusion within the sampling cavity was modeled as
diffusion through a single plane sheet of a homogeneous medium (i.e. water) of thickness
l. The PWS cavity is 2.9 cm deep with a diameter of 3.2 cm and volume of 19.5 ml.
Considering these dimensions, a thickness l of 2.45 cm was used to approximate the
average distance a solute molecule would diffuse in the water before reaching the noflow boundary at the edge of the sampling cavity. Assuming no solute is initially in the
sampling cavity, and that there‘s a constant concentration of solute, C0, at the opening
(faceplate) of the cavity, the following boundary (Equations 2a and 2b) and initial
(Equation 2c) conditions are applicable:
,
,

,

(2a)
,

(2b)
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,

,

(2c)

The solution to Equation (1) with initial/boundary conditions (2) is an infinite series of
complementary error functions (Crank 1975); the series converges rapidly except for
large values of Dt/l2 (Crank 1975):
(3)
Calculated equilibrium concentrations were determined using equation 3 and
diffusion coefficients, D (cm2/s), taken from the literature (D=1.06x10-5 for sulfate,
D=2.03x10-5 for chloride, and D=1.90x10-5 for nitrate (Cussler 1984)). These were
compared to diffusion rates observed during the bench scale evaluations of the PWS to
determine a minimum time the PWS units need to be deployed in the field to reach
equilibrium with the surrounding pore water.

A reservoir solution of known

concentrations of anions was prepared with anions of interest (chloride, nitrate, and
sulfate) to conduct the bench scale measurement of the diffusion coefficient in the PWS.
Samples were taken from the PWS several times over a period of 9 days and analyzed on
the IC.
A plot of normalized anion concentration (C/C0) over time from both
measurements and modeled values are shown in Figure 2.4. The modeled values provide
a good fit to the data. Based on the smallest D, for sulfate, equation (3) was used to show
that even for the slowest diffusing anion, after 14 days, the concentration measured in the
PWS cavity would be 97% of C0. Thus, leaving the PWS in place for at least 14 days
gives confidence that the measured anion concentration in the PWS cavity represents the
anion concentration in the pore water.
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2.2.4

Sampling Procedures

2.2.4.1 PWS Assembly Field Installation and Retrieval
Prior to field deployment, the individual PWS units were assembled and their
reservoirs filled with filtered deionized water.

The PWS units were placed in the

dessicator and vacuumed overnight. After which, all the PWS units for a given well were
assembled together and the entire unit deoxygenated by N2 purging for approximately 5
days. The assembled PWS units in their N2-purged container were transported to the
field. Prior to installation, the assembled PWS units were attached to an extension rod.
After purging of the well, the entire assembly was placed in the well and the PWS units
were allowed to equilibrate with the surrounding pore-water for at least two weeks as
determined by the laboratory studies above (Figure 2.4) After which, the PWS units were
retrieved, the extension rods removed, and they were prepared for transport back to the
laboratory. Each stainless steel plate was wrapped with parafilm and tape and labeled.
The PWS units were detached from each other and the individual units were placed in a
N2-purged glove bag. Each PWS well was sampled once a month for five months. The
middle and lower layers of two adjacent piezometers were sampled in conjunction with
the PWS units. The number of piezometers for each well, their corresponding depths
below ground, adjacent piezometer numbers, sampling dates, and number of days in the
field are listed in Table 2.1.
2.2.4.2 Sample Preparations and Analysis
The PWS assembly was removed from the N2-filled polyethelene glove bag, and
then immediately transferred into the reducing environment of an anaerobic chamber in
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preparation for withdrawing water samples from individual PWS chambers.
Approximately 4 ml of water was withdrawn from the PWS units at a slow speed using a
gas-tight glass syringe.

This sample volume was divided for analysis of organic

parameters by gas chromatography compounds (chlorinated ethenes and CH4) by HP
GC6890 with Tekmar Velocity XPT purge-and-trap with FID and ECD; 3ml was reserved
for CH4 analysis by headspace injection and the remaining 1ml was used for chlorinated
ethene analysis by purge and trap. A second syringe, a 20ml polypropylene syringe, was
used to withdraw the remaining sample. This sample volume was divided for analysis of
the inorganic parameters: 1ml each was reserved for 10x dilution of ammonia and iron
analysis by Perkin Elmer‘s Lambda 45 UV spectrophotometer; 1ml was used for 5x diluted
duplicate analysis of anions (chloride, nitrate, nitrite, sulfate) by Dionex ion chromatograph
model 2500; 200μl for alkalinity analysis by spectrophotometer techniques, and the
remaining volume was used for pH by a handheld Denver Instrument AP10 pH/mV meter.
See Appendix A for details on sampling and analysis procedures.

2.3

RESULTS AND DISCUSSION

2.3.1

Variations in pH, alkalinity and chloride
The profiles in Figure 2.5 show chloride concentrations, pH, and alkalinity. The

profiles mostly show consistency between sample locations in space, particularly for
chloride concentrations and pH. Chloride ion is a conservative tracer and its consistent
trend between locations and lack of variation with depth suggest homogeneous conditions
and good flow in the wetland.

If there was mixing with freshwater, decreasing

concentrations would be evident and if evapotranspiration was occurring, there would be
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increasing concentrations. The concentrations are about 2.5 mM throughout the profile,
which suggests neither phenomenon is occurring significantly.
The pH of the pore water in the wetland does not vary significantly (ranges between
6.5 to 7.5), which is similar to a natural, sedge-dominated fen at the nearby location, that
is fed by near-neutral pH groundwater, similar to the groundwater supplying the
treatment wetland, and the two soils are quite similar (Amon et al. 2007). The variations
in the pH with depth at the 3 PWS sites (Figure 2.5b) is less than 1 unit yet it is
systematic; it decreases along the water flow-path (through layers C and B) from the
bottom of the wetland up through the upper middle, possibly due to release of organic
acids and carbon dioxide due to fermentative and oxidative breakdown of the soil organic
matter by microbial processes.
The variations in alkalinity from the bottom of the wetland up to about 76 cm below
the surface and then decreases to the surface. The sharp increase in alkalinity along water
flow-path (lower half) may be caused by dissolution of soil minerals (i.e., CaCO3(s) + H+
= Ca2+ + HCO3-). The decrease in the middle layer up to the top may be due to the
minerals taken up by plants and microorganisms (Mitsch & Gosselink 2000). This could
be especially true being that it is summer and the plants are undergoing active growth.
Alkalinity can also be generated from dissimilatory sulfate reduction and the reduction of
ferric oxyhydroxides to Fe(II) (see redox characteristics below). These are biologically
mediated processes, resulting in either proton consumption or bicarbonate formation,
which are both chemically equivalent to alkalinity generation (Anderson & Schiff 1987).
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2.3.2

Variations in redox-sensitive species in the wetland

2.3.2.1 Ammonia
The profiles in Figure 2.6 also show the vertical distributions of ammonia. Ammonia
is being produced in the bottom of the wetland due to ammonification processes of
organic nitrogen in the wetland soil (Jackson et al. 2008). The profiles show ammonium
being decreased in the middle of the wetland up to the surface, possibly due to plant
uptake or nitrification processes from oxygen that leaks from the plant roots. Ammonia
that accumulates in the anaerobic areas of the wetland can diffuse into the root zone as a
result of concentration gradients (Reddy et al. 1989). Once in the root zone, nitrification
can occur with ammonia being oxidized to nitrite and nitrite being oxidized to nitrate
(Atlas 1993). There is not a corresponding increase in nitrate (see Figure 2.7 below),
which may mean that nitrate is being reduced or depleted by plant uptake where nitrate
uptake can be comparable to ammonia uptake (Kirk & Kronzucker 2005) or greater due
to the attraction of ammonia to the negatively charged soil (Jackson et al. 2008).
2.3.2.2 Nitrate, Iron, Sulfate, and Methane
Nitrate, ferrous iron, sulfate, and methane profiles are show in Figure 2.7. Overall
these profiles show reducing conditions near the bottom of the wetland up through the
middle and then more oxidizing conditions in the middle and up towards the surface.
Nitrate profiles are mostly consistent between PWS locations. Concentrations disappear
from the bottom of the wetland up to the top, possibly due to plant uptake or nitrate
reduction occurring in the bottom reducing part of the wetland as nitrate is the TEA.
Nitrate reduction, also called denitrification or
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nitrate respiration, can occur via

dissimilatory means by two pathways (Atlas 1993). In the first pathway, nitrate-reducing
bacteria reduce nitrate to nitrite under anaerobic conditions. Nitrite can be excreted by
the reducing bacteria or reduced further via hydroxylamine to ammonia, called nitrate
ammonification (Atlas 1993).

The second pathway is more complete and proceeds

microbially via the conversion of nitrate through nitrite to nitrous oxide and nitrous oxide
to nitrogen gas (Atlas 1993). Nitrite was not detected in the wetland.
The iron profiles are mostly consistent between locations. It is possible that iron
reduction may be occurring in the lower and middle layer as evidenced by increased Fe
(II) concentrations. The decrease in concentrations in the upper middle and surface
layers may be due to oxidation to Fe(III), due to rhizospheric activities possibly creating
an iron cycle. The iron cycle in the rhizosphere consists of the microbial oxidation of
Fe(II) to Fe(III) as oxygen is leaked from the roots into the rhizosphere. This provides a
substantial pool of Fe(III) which can form Fe(III) oxides on the surface of the wetland
roots as represented. It is possible that these Fe(III) oxides can be transported to the
nearby anaerobic soil where microbial reduction to Fe(II) can occur, which can then be
oxidized back to Fe(III) as more oxygen is transported into the roots. More amorphous
Fe(III) oxides have been found in the rhizosphere compared to the non-rhizospheric soil
because of the activity of iron-oxidizing bacteria FeOB (Weiss et al. 2004). Amorphous
Fe(III) oxides are more reactive in that they are subject to near or complete dissolution
(Thamdrup 2000), allowing more rapid reduction in the rhizosphere compared to the nonrhizosphere. Iron cycling in the root zone may be more obvious in PW3 and PW8 as
there is a larger zone of stable ferrous iron (cycling of oxidation and reduction processes,
keeping concentrations stable) as compared to PW4.
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The sulfate profiles are consistent between locations. It appears as if sulfate is being
reduced in the bottom of the wetland in conjunction with nitrate and iron reduction.
Sulfate concentrations are reduced to mostly zero. The rhizosphere of wetland plants can
sustain the sulfur cycle starting with microbial aerobic oxidation of hydrogen sulfide to
sulfate by the leakage of O2 from the roots (Wind & Conrad 1997; Liesack et al. 2000).
Sulfate was not detected at the top of the wetland possibly due to root uptake or its
reduction in the nearby anaerobic soil.
Methanogenesis is evident in the lower layer, followed by oxidation near the
upper middle and surface layers. It is possible that the methane-producing bacteria (also
called methanogens) are using the organic material for CH4 production in the anaerobic
portions of the wetland where alternative electron acceptors (nitrate, Fe(III), and sulfate)
have been reduced. This provides a growth substrate for methane oxidizers for methaneoxidizing bacteria inhabiting the surface of the plant roots that can facilitate CH4
oxidation in the presence of oxygen (Shannon et al. 1996; Bosse & Frenzel 1998; Brune
et al. 2000; Ding et al. 2005)Other studies have found that methanotrophic bacteria in the
rhizosphere can consume a substantial portion of the CH4 produced in the bulk wetland
soil (King 1996; Calhoun & King 1997; Bosse & Frenzel 1998; Gilbert & Frenzel 1998)
2.3.3

Natural Attenuation of VOCs in the Wetland
VOC concentrations are displayed in Figure 2.8.

Although the levels have

significantly declined since the construction of the wetland in 2000, it is still evident that
PCE is being reduced in the lower part as the concentrations go from ~0.04 µM to near
zero in the middle and top. Other studies have found that wetland environments are
favorable for reductive biodegradation via halorespiration (Kassenga et al. 2004) as well
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as co-metabolically in Fe(III)-reducing (Aulenta et al. 2006), sulfate-reducing,
methanogenic, or acetogenic conditions (Bradley 2000; Kassenga et al. 2004). PCE
reduction is occurring in conjunction with the formation of TCE, which is possible
evidence of hydrogenolysis because TCE is the first daughter product formed in this
process. In hydrogenolysis, PCE is sequentially reduced to TCE, DCEs, VC, and ethene by
removal of a single chlorine in each step (Aulenta et al. 2006). TCE production is mostly
followed by its disappearance, which may also be due to reduction or it could be the result of
oxidative cometabolic processes as it is near the oxidative conditions in the root zone.
Support for continued reduction is the formation of VC. Without detection of the DCE
isomers, TCE could be reduced by abiotic pathways or though hydrogenolysis (Lorah &
Olsen 1999; Lorah & Voytek 2004) with DCE isomers being produced without detection
because it is immediately reduced to form VC. The disappearance of TCE and reduced DCE
and VC concentrations may also be due to oxidative degradation processes.
Oxidative degradation may be occurring in the near-surface environments of the
wetland and root zone of wetland plants via ROL (Anderson et al. 1993; Anderson &
Walton 1995; Bankston et al. 2002). Oxidation may be via metabolic or cometabolic
pathways. VC has been found to be metabolically degraded; microorganisms have been
identified that can use these compounds as an energy source (Hartmans et al. 1985;
Hartmans & Debont 1992; Verce et al. 2000; Verce et al. 2001; Coleman et al. 2002b;
Singh et al. 2004; Fathepure et al. 2005) . For both TCE and VC, several studies have
found that cometabolic degradation can occur by growth substrates found in the wetland.
In this study the decrease in CH4 (Figure 2.7) and ammonia (Figure 2.6) correspond with
the decrease in VC (Figure 2.8), possibly supporting aerobic cometabolism.
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2.3.4

Conclusions
The profiles obtained from the PWS units help reveal the chemistry in the

constructed wetland at WPAFB. The consistency between locations and the agreement
with results obtained from sampling the piezometers (i.e., the PWS readings in the first
80cm are comparable to the piezometer readings in the 80-140 cm interval) gives support
for using PWS units. The fine resolution provides details, especially in the root zone, that
cannot be determined sampling with piezometers alone. From the profiles, it is evident
that reducing conditions are at the bottom of the wetland with overlapping zones of
nitrate, iron, and sulfate reduction and methanogenesis. The wetlands become more
oxidizing the closer to the surface and in the root zone showing methane and ammonia
oxidation, which can aid in VC cometabolism. The vertical resolution provided by the
PWS units, allows the differences in the depths to be determined.
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Figure 2.1

Cross-section view of the experimental wetland at WPAFB

Cross-section view of the vertical-flow experimental wetland at the Wright-Patterson Air
Force Base, Ohio. The excavated pit was filled with a gravel layer (23 cm thick) at the
bottom, and three layers of hydric soil, each 46 cm thick. The design details including its
hydraulics is described elsewhere (Amon et al. 2007). The piezometer screens are
positioned in each of the three layers, whereas the PWS assembly extends from ~80 to 20
cm below ground surface. Additional details are provided in section 2.2.1.
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Figure 2.2

Schematic of pore water sampler locations at the WPAFB
experimental wetland
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Figure 2.3

Pore water sampler schematic and photograph
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Figure 2.4

Predicted and measured normalized anion concentration for PWS.

Predicted (model) and measured normalized anion concentration (C/C0) over time from
both measurements and modeled values for PWS units. Modeled values were determined
using D (cm2/s), taken from the literature (D=1.06x10-5 for sulfate, D=2.03x10-5 for
chloride, and D=1.90x10-5 for nitrate (Cussler 1984)). Measured values were determined
using known concentrations of chloride, nitrate, and sulfate prepared in triplicate and
samples taken from the PWS units several times over a period of 9 days.
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Variations in alkalinity, pH, and chloride ion at the WPAFB experimental wetland

Variations in alkalinity, pH, and chloride ion with depth in the treatment wetland averaged over the months May to September 2008 for
three locations in the wetland (PW3, PW4, and PW8). The water samples for the analysis were collected as follows: (a) for 0-80 cm
depth interval from pore-water samplers (#3, #4 and #8); and (b) for 80-140 cm depth interval, from piezometers (39, 46, 51, 57, 15,
and 20). The reported values at lowest depth represent the water entering the wetland cell that was sampled at the pump house.
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Variations in ammonia at the WPAFB experimental wetland

Variations in ammonia with depth in the treatment wetland averaged over the months May to
September 2008 for three locations in the wetland (PW3, PW4, and PW8). The water samples
for the analysis were collected as follows: (a) for 0-80 cm depth interval from pore-water
samplers (#3, #4 and #8); and (b) for 80-140 cm depth interval, from piezometers (39, 46, 51, 57,
15, and 20). The reported values at lowest depth represent the water entering the wetland cell
that was sampled at the pump house.
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Variations in redox /TEAP species at the WPAFB experimental wetland

Variations in redox /TEAP species (mM) at 3 locations in the wetlands averaged over the months
May to September 2008 for three locations in the wetland (PW3, PW4, and PW8). The water
samples for the analysis were collected as follows: (a) for 0-80 cm depth interval from porewater samplers (#3, #4 and #8); and (b) for 80-140 cm depth interval, from piezometers (39, 46,
51, 57, 15, and 20). The reported values at lowest depth represent the water entering the wetland
cell that was sampled at the pump house.
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Variations in PCE, TCE, and VC at the WPAFB experimental wetland

Variations in perchloroethene (PCE) and its degradation products, trichloroethene (TCE) and vinyl chloride (VC) species (uM) at 3
locations (PW3, PW4, and PW8) in the treatment wetland showing sequential reductive dechlorination. The water samples for the
analysis were collected as follows: (a) for 0-80 cm depth interval from pore-water samplers (#3, #4 and #8); and (b) for 80-140 cm
depth interval, from piezometers (39, 46, 51, 57, 15, and 20). The reported values at lowest depth represent the water entering the
wetland cell that was sampled at the pump house.
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Table 2.1

PWS wells and sampling events.

PWS well information and sampling events for vertical profiles PW3, PW4, and PW8 For piezometer and PWS well locations see
Figure 2.2

3

#
PWS
units
7

Range of Depths
Below ground
(cm)
20.2-75.4

39, 46

5/7 (27), 6/11 (33), 7/07 (21), 8/11 (31), 9/4 (14)

4

7

16.4-71.6

51, 57

5/13 (21), 6/23 (14), 7/14 (20), 8/13 (26), 9/11 (24)

8

6

21.1-67.2

15, 20

5/29 (27), 6/30 (20), 7/23 (24), 8/25 (24), 9/25 (27)

Well
#

Adjacent
Peizmeter #s

Dates Sampled in 2008
(days in field)
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3

AEROBIC COMETABOLIC DEGRADATION OF TRICHLOROETHENE
BY METHANE AND AMMONIA OXIDIZING MICROORGANISMS
NATURALLY ASSOCIATED WITH CAREX COMOSA ROOTS

3.1

INTRODUCTION
Trichloroethene (TCE) is one of the most common groundwater contaminants,

and it poses a threat to human health as a suspected carcinogen (ATSDR 1997). Natural
attenuation of TCE has been examined as a possible remediation practice as it is more
advantageous, both economically and environmentally, than conventional options such as
pump-and-treat that are time and money intensive (Powers 1996; NRC 2000). However,
natural attenuation of TCE is not always effective. In reducing environments, TCE
biodegradation often leads to accumulation of less-chlorinated, more-toxic intermediate
compounds, such as vinyl chloride. In comparison, oxidative biodegradation of TCE is
more desirable because it allows for TCE mineralization to carbon dioxide (CO2), a
nontoxic end-product.

For this to occur, environmental conditions favoring TCE

cometabolism are required, including aerobic conditions as well as suitable
microorganisms, and access to their growth substrates.
TCE can be degraded cometabolically by aerobic microorganisms that utilize a
wide range of growth substrates, such as methane (Fogel et al. 1986; Little et al. 1988),
toluene (Shim et al. 2001), phenol (Chen et al. 2004), ammonia (Kocamemi & Cecen
2007), and several others.

In particular, methane as a growth substrate has been

successfully studied in a number of systems using both mixed (Fogel et al. 1986) and
pure cultures (Little et al. 1988). In cometabolic degradation of TCE with methane, the
methane-oxidizing

microorganism

produce

a

non-specific

enzyme,

(methane
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monooxygenase or MMO), that oxidizes methane as its substrate and can also
fortuitously degrade TCE (Sullivan et al. 1998). In this process, TCE oxidation is
initiated as an epoxidation reaction catalyzed by the MMO, with NADH as an immediate
energy source (Chang & Alvarez-Cohen 1995). Similarly, ammonia can also serve as a
growth substrate for cometabolic TCE degradation (Rasche et al. 1991; Moran & Hickey
1997; Yang et al. 1999), although it has not been studied as extensively as methane and
such research has focused on laboratory studies mostly with pure cultures of
Nitrosomonas europaea. The enzyme produced during ammonia oxidation, ammonia
monooxygenase (AMO), can also degrade TCE cometabolically, but with limited success
due possibly to inhibitory effects of TCE on ammonia oxidizers (Rasche et al. 1991;
Yang et al. 1999).
The oxidative biodegradation of chlorinated ethenes with plant roots has been
investigated at bench scale (Bankston et al. 2002; Tawney et al. 2008). Further, TCE
biodegradation by the oxidative pathway has been suggested at the shallow depths of an
experimental wetland, particularly due to the presence of wetland plant roots (Amon et al.
2007). The root zone of wetland plants can provide the appropriate conditions to support
certain oxidizing microorganisms (King 1996). Oxygen is transported from the shoot to
the root tissues of wetland plants for metabolic purposes, and a portion of that can diffuse
out into the plant rhizosphere and the immediate soil environments (Armstrong et al.
2000; Colmer 2003). The specific aerobic microbial communities that inhabit the
microaerobic environment in plant rhizosphere can oxidize methane (King 1996) and
ammonia (Reddy et al. 1989), which are produced in the surrounding anaerobic soil and
migrate toward plant roots (Bosse & Frenzel 1997). In microcosms planted with rice,
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approximately 90% of methane oxidation has been reported at a depth where roots were the
only source of oxygen (Bosse and Frenzel 1997), and a significantly greater number of
methane-oxidizing microorganisms in the soil immediately around roots (within 0.1 to 0.2
mm) than in the soil farther away from the roots. Similarly, the nitrification activities (i.e.,
ammonia oxidation) in rice plants decreased with increasing distance from the root zone,
and they were positively correlated with the ammonia-oxidizing bacteria abundance (Li
et al. 2007).
The main objective of this investigation was to provide a proof-of-concept that
oxidative TCE degradation can be facilitated by the methane- and ammonia-oxidizing
microorganisms that are naturally associated with wetland plant roots by cometabolic
pathways. Recent studies have indicated that microbial processes can facilitate removal
of chlorinated hydrocarbons in vegetated wetland settings (Amon et al. 2007; Imfeld et
al. 2008). Prior to this, studies of chlorinated hydrocarbon degradation with wetland soils
by reductive dehalogenation processes have been studied (Lorah & Olsen 1999;
Kassenga et al. 2004; Lorah & Voytek 2004). Other studies have examined degradation
of chlorinated hydrocarbons in soil/aquatic systems assisted by plants, including by
rhizodegradation (Nzengung & Jeffers 2001; James et al. 2009), phytovolatilization
(Bankston et al. 2002; Imfeld et al. 2009), and uptake and biotransformation, i.e.,
metabolic degradation within plant tissues (Newman et al. 1997; Nzengung & Jeffers
2001; Wang et al. 2004). While the studies describing the role of microbial processes in
plant rhizosphere in chlorinated hydrocarbon degradation are limited (Bankston et al.
2002; Tawney et al. 2008), the synergistic activity of the plant-microbe system in the
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wetland in the removal of organic chemical removal has increasingly been recognized
(Imfeld et al. 2009).
In the present study, the role of naturally occurring methane- and ammoniaoxidizing microbes associated with plant roots in oxidative cometabolic TCE degradation
has been examined. This is the first study to our knowledge that provides direct evidence
for a mechanism of microbial TCE degradation with plant roots by studying the roots
themselves. Bench-scale microcosm experiments were performed using soil-free roots
from the wetland plant species Carex comosa (longhaired sedge). Live plants were not
used to eliminate plant effects, such as uptake and volatilization, and to study the activity
of bacteria directly associated with the roots. Methane and ammonia were evaluated as
growth substrates for their role in TCE degradation by aerobic cometabolism since these
compounds are often abundantly produced in anaerobic wetland soil. We expected to
investigate the activities of root-associated methane- and ammonia-oxidizing
microorganisms by measuring substrate and product concentrations over time when
growth media was added to the microcosms. After the enrichment period, we also
expected that the root-associated methane and ammonia oxidizers will demonstrate the
ability to degrade TCE though aerobic cometabolism in the presence of methane and
ammonia substrates, respectively. This approach enabled us to evaluate the potential of
cometabolic TCE degradation by methane and ammonia oxidizers associated with
wetland plant roots.
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3.2

MATERIALS AND METHODS

3.2.1

Collection of wetland plants
Wetland plants (Carex comosa) were collected from a natural wetland located in

Dayton, OH (USA) in September 2008. After collection, the plants were placed in
individual pots containing a 50:50 mix of peat moss and wetland soil, and maintained in a
university greenhouse until use (~25-40 weeks). In order to prepare for the bench-scale
microcosm experiments described below, the roots from individual Carex comosa
specimens were clipped, separated from the plant shoot, and washed with de-ionized
water thoroughly to remove attached soil. The entire root was used so as to include the
root tip, lateral root and primary root.
3.2.2

Growth media
Mineral media were prepared separately for methane and ammonia oxidizers for

their optimal growth. The methane-oxidizing microorganisms associated naturally with
plant roots were enriched with growth medium ‗A‘ (Fogel et al. 1986) containing 200 mg
MgSO4•7H2O, 20 mg CaCl2•2H2O, 1,000 mg NaNO3, 3 mg FeSO4•7H2O, 40 mg KCl,
160 mg KH2PO4, 184 mg Na2HPO4, 0.07 mg ZnSO4•7H2O, 0.02 mg MnCl2•4H2O, 0.02
mg H3BO4, 0.1 mg CoCl2•6H2O, 0.01 mg CuC12, 0.02 mg NiCl2•6H2O and 0.03 mg
Na2MoO4•2H2O dissolved in 1 L of de-ionized water (final pH 6.8) (addition of methane
described below). Ammonia-oxidizing microorganisms naturally-associated with plant
roots were enriched with growth medium ‗B‘ containing 94 mg (NH4)2SO4, 400 mg
NaHCO3, 100 mg MgSO4, 50 mg KH2PO4, 445 mg Na2HPO4•12H2O, 30 mg KCl, 50 mg
CaCl2•2H2O, 3 mg FeSO4•7H2O, 0.02 mg MnCl2, 0.7 mg ZnSO4•H2O, 0.02 mg H3BO4,
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0.01 mg CuCl2, 0.03 mg Na2MoO4•2H2O, 0.02 mg NiCl2•6H2O, 0.1 mg CoCl2•6H2O
dissolved in 1 L of de-ionized water (final pH 7.8).
3.2.3

Experimental design

3.2.3.1 Microbial enrichment with methane and ammonia (in absence of TCE)
Six microcosms (160 mL borosilcate glass serum bottles; Wheaton, Millville, NJ)
were used for the subset of experiments with methane as a substrate. Three bottles were
prepared as live microcosms with 1 g of fresh roots and 100 mL of growth medium A,
and the three remaining bottles were prepared as killed controls with 1 g of fresh roots,
100 mL of growth medium A, and 6.24 mg L-1 of sodium azide to inhibit gram-negative
bacterial growth, including the growth of methane-oxidizing bacteria (Ginestet et al.
1998). After these additions, a headspace of 60 mL remained in each microcosm. All
microcosms were bubbled with air for ~30 min to start the experiment with enough
dissolved oxygen to maintain aerobic conditions. The microcosms were then capped
with Teflon-lined grey butyl rubber stoppers (20 mm dia.; Wheaton, Millville, NJ) and
sealed with aluminum crimps (Wheaton, Millville, NJ). Pure gaseous methane (CH4)
(5.25 mL, equivalent to 1.9 mg L-1 aqueous CH4) were injected into each bottle using a
gas-tight glass syringe (Hamilton, Reno, NV). The bottles were then wrapped in
aluminum foil and placed on a rotary shaker (Glas-Col, Terre Haute, IN) at 30 rpm for
gentle horizontal mixing in an upside down position at 22±1 °C.
There were four cycles of microbial enrichment with methane (called, EM1
through EM4) as a substrate over an 18-day period, where each cycle corresponding to a
period during which methane degraded nearly completely in the live microcosms, and
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needed to be replenished. At the end of each cycle, all microcosms were opened to
carefully discard the aqueous growth medium without removing the roots and replaced
with 100 mL of fresh growth medium (killed controls were amended with 6.24 mg L-1 of
sodium azide), bubbled with air, sealed and wrapped in aluminium foil as described
earlier. The new cycle began by amending the microcosms with gaseous CH4 (aqueous
CH4 = 1.9 mg L-1), followed by their incubation on the rotary shaker. Six additional
microcosms were set up (3 live and 3 killed controls) with ammonia as substrate with an
experimental design similar to the microcosms set up with methane as the substrate
(described above), but with the following variations: (a) growth medium ‗B‘ was used,
containing 20 mg L-1 of N-ammonium (NH4+), (b) CH4 was not added, (c) 10 mg L-1 of
allylthiourea was used in the killed control microcosms (instead of sodium azide) to
inhibit the growth of ammonia-oxidizers, and (d) 3 microbial enrichment cycles (called,
AE1 through AE3) were completed during a 32-day period.
3.2.3.2 Cometabolic TCE degradation with methane and ammonia substrates
Following the 4 cycles of microbial enrichment with methane (described above),
4 additional cycles (TM1 through TM4) were completed in the triplicate microcosms
with methane under identical experimental conditions, but with 150 µg L-1 of TCE added.
Similarly, following the 3 cycles of microbial enrichment with ammonia (described
above), 2 additional cycles (TA1 and TA2) were completed in the triplicate microcosms
with ammonia under identical experimental conditions, but with 150 µg L-1 of TCE
added. A number of cycles equal to both sets of live microcosms were completed for the
killed control microcosms.
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3.2.4

Analysis
The following analyses were performed to determine the activity of methane- and

ammonia-oxidizing microorganisms associated with roots in the microcosms. In
microcosms with methane and TCE amendments, concentrations of CH4, dissolved
oxygen (DO), dissolved inorganic carbon (DIC), and TCE were measured daily in each
cycle. Similarly, in the microcosms with ammonia and TCE amendments, [NH4+], [NO2], [NO3-], DO, and [TCE] were measured daily in each cycle. Aqueous samples were
processed through 0.22 µm, 25 mm dia. syringe filters (Restek, Bellefonte, PA) before
analysis; NO2- and NO3- were quantified by ion chromatography (IC) (DX2500, Dionex
Corporation, Sunnyvale, CA), and NH4+ was quantified by the salicylate method (Hach
Company, Loveland, Co) using a spectrophometer (Lambda 45 UV/Vis, Perkin Elmer;
Waltham, MA). The measurements of NO2- and NO3- were combined and it is referred
henceforth as NOx. The pH measurements were made using a meter (AP10 pH/mV/temp,
Denver Instrument, Bohemia, NY) by collecting 2-2.5 mL aqueous samples from each of the
methane and ammonia microcosms, after gas sampling on day 1 and day 5 of each cycle.
Headspace samples from the microcosms were analyzed by gas chromatography to
estimate aqueous phase [CH4], DO, and [DIC] and [TCE] in each microcosm. CH4 and
TCE were analyzed by a HP 6890 series GC system with flame ionization (FID) and
electron capture (ECD) detectors; CH4 was separated on a capillary column (GS GasPro,
30m x 0.32mm; J&W Scientific) connected to an FID, and TCE was separated on a
capillary column (HP-624, 30m x 0.32mm; Agilent Technologies), connected to an ECD.
O2 and CO2 were analyzed by a HP 5890 series GC system with a thermal conductivity
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detector (TCD), and separated on a packed column (Shin Carbon 100/120, 2m x 1mm;
Restek, Belefonte, PA) (see Appendix B.2).
The aqueous [CH4] and [TCE] at equilibrium were calculated by the Gas law and
Henry‘s law using a published approach (Burris et al. 1996). Based on measured partial
pressures of O2 and CO2 in the microcosm headspace, the dissolved [O2] or DO was
calculated using Henry‘s Law (Lide & Frederikse 1995), and [dissolved inorganic
carbon] or DIC was calculated using Henry‘s Law and carbonate system equilibrium
relationships at the measured pH (Pankow 1991). Detailed calculation approaches are
available in the Appendix B.2.
3.2.5

Data treatment and statistical analysis
For each of the TCE cycles for methane and ammonia microcosms, the initial

TCE degradation rates and consumption/production rates of solutes (i.e., CH4, DO, DIC,
NH4+, and NOx) were calculated using the difference between their respective measured
values on day 2 subtracted from their measured values on day 1 for each treatment (with
the exception of the second TCE cycle with ammonia, which was from day 0 to day 5).
The initial rates were taken as day 1 to day 2, rather than day 0 to day 1, to avoid the data
analysis during transient conditions caused by microcosm reset prior to each cycle.
Similarly, TCE was not analyzed on the day it was injected in the microcosms, (i.e., day
0), to allow for a 24 hr equilibration of TCE between the liquid and headspace.
Transformation yield (Ty) was calculated for the 4 TCE cycles with methane by
subtracting the average loss in TCE and methane found in the killed controls from the
live microcosm and then dividing TCE mass degraded by methane mass degraded.
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For the methane- or ammonia-oxidizing microorganisms, the statistical
differences in their treatments (i.e., control vs. live microcosms) were determined for
each solute using a one-way repeated analysis of variance (RM ANOVA) with time as
the repeated factor. If the differences between the live and control microcosms were
found to be statistically significant, the Tukey post hoc tests were performed to determine
the differences between control and live treatments for each time point. For the solute
consumption/production rates of each cycle, the effects of treatments were examined
using a one-way RM ANOVA and Tukey post hoc tests. As necessary, the data were
log-transformed before statistical analysis to fit the assumption of homoscedasticity.
Statistical analyses were performed using Statistica 9TM (Statsoft, Tulsa, OK, USA).
3.3

RESULTS AND DISCUSSION

3.3.1

Association of methane and ammonia oxidizers with Carex comosa roots
Comparisons of live and killed microcosms amended with soil-free roots indicates

that the increase in substrate metabolism was likely due to increase in population size of
methane and ammonia oxidizers associated with the plant roots in their respective
enrichment cycles. During the four enrichment cycles with methane (ME1 through
ME4), [CH4] and [DO] were significantly lower and [DIC] was significantly higher in the
live microcosms compared to the controls through time (one-way RM ANOVAs,
treatment effect, time effect, P<0.05, Figure 3.1). Likewise, during the three cycles of
microbial enrichment with ammonia (AE1 through AE3), [NH4+] were significantly
lower in the live microcosm compared to the controls through time (one-way RM
ANOVAs, treatment effect, time effect, P<0.01, Figure 3.2). Further, [DO] were
significantly lower and [NOx] were significantly higher in the live microcosms in
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comparison to the controls for the ammonia system, but their statistical significance was
not consistent between the cycles (See the Appendix B.2). The approach to replace the
growth medium at the end of each cycle discarded the microorganisms growing in
suspended form and favored the enrichment of microorganisms that were growing on the
root surface and perhaps also inhabiting the interior of root tissues (Bosse & Frenzel 1997).
Comparison of results during enrichment cycles after initial set-up (ME1 vs. AE1)
indicate that significant methane oxidation was observed quicker in comparison to
ammonia oxidation in the live microcosms. This may be due to higher initial population
of methane oxidizers associated with the roots that allowed them to become dominant
over heterotrophic microorganisms more quickly, in comparison to ammonia oxidizers.
Methane oxidizers are generally adaptable to a wide range of environmental conditions
(Hanson & Hanson 1996). In ME1, oxygen and methane levels concomitantly decreased
in the microcosms on day 4, indicating activity of methane oxidizers. By comparison, in
AE1, the initial decrease in oxygen occurred without concomitant ammonia degradation
in both control and live microcosms until day 14, suggesting initial oxygen uptake may
have been due to heterotrophic activity. It appears that either the initial population of
ammonia oxidizers in the root samples was low, or the ammonia oxidizers had
physiological limitations requiring a longer enrichment period compared to methane
oxidizers. Indeed, ammonia oxidizers are relatively slow growing organisms (Vaccari et
al. 2006) and methane oxidizers are ubiquitous with consumption rates depending on
ambient methane concentration (Rogers & Williams 1991).
During enrichment cycles, the initial methane degradation and oxygen
consumption rates (d[CH4]/dt and d[DO]/dt) increased from cycle ME1 to cycle ME3,
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and then decreased slightly or stabilized in cycle ME4, whereas initial DIC production
rates (d[DIC]/dt) were significantly different between treatments but not with time (oneway RM ANOVAs, treatment effect, P<0.001, and cycle effect, P>0.05; Table S1 in
Appendix B.2). In comparison, the initial ammonia degradation and NOx production
rates (d[NH4+]/dt and d[NOx]/dt) increased rapidly from cycle AE1 to AE3, whereas
initial oxygen consumption rates did not show the same trend (one-way RM ANOVAs,
treatment effect, cycle effect, P<0.01; Table B.1 in Appendix B.2).
The investigation demonstrated quite clearly that methane and ammonia oxidizers
are associated with the roots of Carex comosa, a phenomenon that may be common
among various wetland plants, which is consistent with the similar observations in other
plant species (Bosse & Frenzel 1997; Li et al. 2007). A sustained degradation of methane
and ammonia through the enrichment cycles in this study showed that wetland plant roots
can provide a favorable environment for the growth of methane- and ammonia-oxidizing
microorganisms. Wetland plants can overcome anaerobic environments by transporting
oxygen from the atmosphere to their roots via the aerenchyma tissue (Armstrong et al.
2000; Colmer 2003). During this process, some oxygen typically leaks from the roots
into the surrounding soil (i.e. rhizosphere), an otherwise anaerobic environment, creating
a microaerobic niche suitable for growth of methane and ammonia oxidizers (Vaccari et
al. 2006). The primary electron donors (methane and ammonia) for these organisms are
produced in the anaerobic zone of wetland soils (Neill 1995; Chanton et al. 1997) and
diffuse into the rhizosphere (Reddy et al. 1989; King 1996), and the juxtaposition of
anaerobic and microaerobic environments can create an ideal niche for microorganisms
that can cometabolize TCE.
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3.3.2

TCE degradation potential by root-associated methane and ammonia
oxidizers
The main objective of this study was to evaluate the TCE degradation potential of

methane and ammonia oxidizers associated with Carex comosa roots. In experiments
with methane, [TCE] were significantly lower in the live microcosms compared to the
killed controls through time in four TCE cycles with methane, TM1 through TM4 (oneway RM ANOVAs, treatment effect, time effect, P<0.05, Figure 3.3). Also, during these
cycles, [CH4] and [DO] were significantly lower and [DIC] significantly higher in the
live microcosms compared to the controls through time (one-way RM ANOVAs,
treatment effect, time effect, P<0.05, Figure 3.3). Further, in experiments with ammonia,
[TCE], [NH4+], and [DO] were significantly lower and [NOx] were significantly higher in
the live microcosms compared to the killed controls through time in cycle TA1 (one-way
RM ANOVAs, treatment effect, time effect, P<0.05, Figure 3.4). In cycle TA2, [TCE]
were not significantly different in the live microcosms compared to the controls (one-way
RM ANOVA, treatment effect, time effect, P>0.05, Figure 3.4). However, for other
analytes, significant differences were observed in [NH4+] between time and treatments
(one-way RM ANOVA, treatment effect, time effect, P<0.01, Figure 3.4), [NOx]
between treatments (one-way RM ANOVA, treatment effect, P<0.05, Figure 3.4) on two
days (day 13 and day 17), and [DO] with time (one-way RM ANOVAs, time effect,
P<0.01, Figure 3.4). The DO did not exhibit a treatment effect (i.e., no significant
differences between live microcosms and killed controls).
The results presented here have partially validated our initial hypothesis that rootassociated methane and ammonia oxidizers have the ability to degrade TCE though
aerobic cometabolic processes. Methane oxidizers were found to significantly
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cometabolize TCE, whereas the activity of ammonia oxidizers stalled soon after their
exposure to TCE. This result is consistent with an earlier study (Bankston et al. 2002) that
showed simultaneous TCE and methane degradation in microcosms containing soil from
broad-leaf cattail roots. By using soil-free roots, this study provided a better understanding of
the role of root-associated microorganisms in TCE degradation.
In this study, the average net TCE loss between live and control microcosms was
~40% for each TCE cycle of methane experiment. This is consistent with previous studies
that demonstrated cometabolic TCE degradation with methane in bench-scale systems
(Fogel et al. 1986; Little et al. 1988; Shukla et al. 2009). In a comparable study, a mixed
culture obtained from sediment enriched for several weeks with 18% methane headspace
demonstrated TCE degradation was 90% at initial [TCE] at 80 µg L-1 (Fogel et al. 1986).
Another study with higher initial [TCE] and less methane (400 µg L-1 TCE, and 8%
headspace, respectively) found 40% loss in TCE due to degradation after 10 days using a
pure culture enriched from well water (Little et al. 1988). A direct comparison of our
TCE removal rates with other studies is not particularly informative because rates depend
on experimental parameters such as initial [TCE] and [CH4], and microbial biomass. In
the present study, d[CH4]/dt shows a declining trend on days 2-4 of cycles TM3 and TM4
and pseudo first-order like kinetics, thus suggesting methane oxidation to become
somewhat limited in later part of the cycles.
The average Ty for TM1 through TM4 cycles were 2.8, 3.6, 2.9 and 2.1 TCE (µg)
CH4-1 (mg) respectively. This is less than those reported for a variety of cultures, ranging
from 15 to 50 μg TCE mg CH4-1 (Alvarez-Cohen & Speitel 2001), possibly due to lower
initial [TCE] in this study, and the potential for less efficient methane utilization at lower
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[TCE] (Chang & Criddle 1997). However, with an initial [TCE] of 150 µg L-1 and
methane at 9% headspace used in the present study, a significant amount of TCE was
degraded in the system with soil-free roots. Initial rates for CH4, TCE and DO loss, and
DIC production (d[C]/dt) were significantly different between treatments (one-way RM
ANOVAs, treatment effect, P<0.05, see Table 3.1) during all four TM cycles. CH4 and
TCE degradation rates were also significantly different between cycles (one-way RM
ANOVAs, cycle effect, P<0.05, Table 3.1) with the rates increasing from cycle TM1 to
cycle TM3, and then remaining constant from cycle TM3 to cycle TM4, which suggests a
lack of significant epoxide toxicity development during TM cycles (Ely et al. 1995;
Hyman et al. 1995; Kocamemi & Cecen 2007).
The potential for cometabolic oxidation of TCE by ammonia oxidizers was not
statistically significant because initial degradation was followed quickly by inhibition of both
ammonia and TCE degradation under the experimental conditions. Several investigations
have shown oxidative cometabolic TCE degradation using mixed nitrifying cultures (Yang
et al. 1999; Kocamemi & Cecen 2005). In the present study, approximately 15% of initial
[TCE] (150 µg L-1) degraded in 2 days in live microcosms compared to the killed controls
before complete inhibition of the system. In comparison, Yang et al. (1999) showed TCE
cometabolism by a nitrifying culture enriched from a sewage treatment plant at initial
[TCE] were between 125 and 200 µg L-1, while higher initial TCE levels (>200 µg L-1)
induced inhibition of ammonium oxidation. Kocamemi and Cecen (2005) provided
evidence for ammonia oxidation at a high initial [TCE] (4500 µg L-1), and showed 68%
ammonia removal in comparison to controls. The differences between the results of the
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present investigation and those of Yang et al. (1999) and Kocamemi and Cecen (2005)
may be attributed to differences in nitrifying strains.
The initial TCE degradation rates (d[TCE]/dt) during cycles TA1 and TA2
provide evidence of toxicity as no TCE degradation was observed in cycle TA2. The
initial rates of [TCE], [NH4+] and [DO] loss, and [NOx] production were not significantly
different between treatments or with cycles (one-way RM ANOVAs, treatment effect,
cycle effect, P>0.05, Table 3.1). The inhibitory effect of TCE on ammonia oxidation has
been attributed to two potential mechanisms: (a) AMO affinity for TCE may be
equivalent (Hyman et al. 1995) or greater (Ely et al. 1995) in comparison to its affinity
for ammonia, and (b) exposure of ammonia oxidizers to TCE (Kocamemi & Cecen 2005)
or TCE epoxide (a cometabolism byproduct) (Rasche et al. 1991) may cause substantial
cellular injury and AMO inhibition. The specific mechanism of AMO inhibition in the
present study is unclear, yet there was evidence of toxicity in the precipitous decrease in
ammonia oxidation rate that immediately followed TCE addition (compare d[NH4+]/dt in
cycle AE2 vs. cycle TA1). It is possible that toxic TCE epoxide induced significant
damages to the enzyme system. After exposure to TCE, nitrifying cells are often slow to
recover and show low rates of ammonia-oxidizing activity (Hyman et al. 1995). In this
study, the root-associated ammonia oxidation did not recover or regained their activity.
A longer enrichment period with greater initial [NH4+] may have been helpful in
developing larger biomass in withstanding toxic exposure. In summary, TCE
cometabolism by methane oxidizers was clearly more effective than by ammonia
oxidizers within the same initial root-associated microbial community under similar
experimental conditions.
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3.3.3

Conclusions
This bench-scale investigation clearly demonstrated that methane and ammonia

oxidation can be facilitated by the naturally-occurring microorganisms that are associated
with wetland plant (Carex comosa) roots. Methane oxidation developed faster than ammonia
oxidation during the enrichment period, possibly due to greater initial population of methane
oxidizers with the roots or their ability to better compete with other (heterotrophic)
microorganisms. Methane oxidizers demonstrated significant TCE degradation
reproducibly. For a shorter enrichment period (2 weeks), methane oxidizers were
effective in TCE degradation at bench scale without an inhibitory effect due to TCE
degradation on methane oxidation. However, a rapid and complete inhibition of
ammonia oxidation was observed under similar experimental conditions in the nitrifying
system. Such inhibition of ammonia oxidation may be attributed to a greater sensitivity
of ammonia oxidizers towards TCE or its degradation product (TCE epoxide). Follow-up
studies may include the role of TCE and substrate levels (methane and ammonia) on TCE
degradation and toxicity will be determined. The results presented here provides key
evidence for oxidative cometabolic TCE degradation in vegetated wetlands that has direct
implications for the natural attenuation of TCE in impacted aquatic environments.
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Figure 3.1

Enrichment cycles during methane experiment

Aqueous [CH4], [DO], and [DIC] in the control (white squares) and the live (black diamonds) microcosms for the four enrichment
cycles of the methane experiment (mean ± 1 SD, n=3 per treatment). Asterisk (*) indicates a significant difference between control
and live microcosms (Tukey HSD post hoc tests, p<0.05)
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Enrichment cycles during ammonia experiment

Aqueous [N-NH4+], [DO], and [N-NOx] in the control (white squares) and the live (black diamonds) microcosms for the three
enrichment cycles of the ammonia experiment (mean ± 1 SD, n=3 per treatment). Asterisk (*) indicates a significant difference
between control and live microcosms (Tukey HSD post hoc tests, p<0.05)
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TCE cycles during methane experiment

Aqueous [TCE], [CH4], [DO], and [DIC] in the control (white squares) and the live (black diamonds) microcosms for the four TCE
cycles of the methane experiment (mean ± 1 SD, n=3 per treatment). Asterisk (*) indicates a significant difference between control
and live microcosms (Tukey HSD post hoc tests, p<0.05)
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Table 3.1

Initial rates during the TCE cycles of the methane and ammonia experiments

Initial loss/production rates (d[C]/dt) of solutes (CH4, NH4+, DO, NOx, and DIC) in control and live microcosms for each cycle of
TCE amendment (mean ± SD, n = 3) calculated over a 24 h period except for the cycle 2 of the ammonia experiment (96 hr period)
Initial Rate
d[C]/dt

TCE Cycles with Methane (TM)

TCE Cycles with Ammonia (TA)

Cycle TM 1

Cycle TM 2

Cycle TM 3

Cycle TM 4

Cycle TA 1

Cycle TA 2*

Control

5.67 ± 5.32

-5.37 ± 4.78

6.97 ± 1.16

10.3 ± 2.04

3.92 ± 2.32

0.00 ± 0.00

Live

8.16 ± 6.35

10.1 ± 2.40

22.1 ± 11.9

22.3 ± 5.40

7.68 ± 1.94

0.00 ± 0.00

Control

0.04 ± 0.04

0.01 ± 0.02

0.07 ± 0.01

0.04 ± 0.02

--

--

Live

0.24 ± 0.24

0.45 ± 0.12

0.61 ± 0.08

0.61 ± 0.08

--

--

Control

--

--

--

--

0.05 ± 0.54

0.00 ± 0.00

Live

--

--

--

--

0.36 ± 0.19

0.22 ± 0.39

Control

0.19 ± 0.55

0.62 ± 0.15

0.39 ± 0.20

0.28 ± 0.20

0.00 ± 0.00

0.15 ± 0.10

Live

2.04 ± 0.98

1.28 ± 0.29

1.52 ± 0.26

1.01 ± 0.30

0.00 ± 0.00

0.16 ± 0.03

Control

3.24 ± 2.19

5.76 ± 1.38

4.31 ± 0.74

0.00 ± 0.05

--

--

Live

24.1 ± 8.06

15.1 ± 1.59

11.1 ± 7.11

19.5 ± 4.03

--

--

TCE loss rate (µg L-1 d-1 )

CH4 loss rate (mg L-1 d-1)

NH4+ loss rate (mg L-1 d-1)

DO loss rate (mg L-1 d-1)

DIC production rate (mg L-1 d-1)
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NOx production rate (mg L-1 d-1)
Control

--

--

--

--

0.18 ± 0.04

0.00 ± 0.00

Live

--

--

--

--

0.56 ± 0.86

0.00 ± 0.00

* Rates calculated over a 96h period.
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4

COMETABOLIC BIODEGRADATION OF TRICHLOROETHENE BY
METHANE OXIDIZERS NATURALLY ASSOCIATED WITH WETLAND
PLANT ROOTS: INVESTIGATIONS WITH CAREX COMOSA AND SCIRPUS
ATROVIRENS
4.1

INTRODUCTION
TCE is a common groundwater contaminant that poses a threat to human health as

a suspected carcinogen (ATSDR 1997). However, TCE can be naturally attenuated in the
environment through aerobic and anaerobic microbial degradation processes. In
particular, TCE biodegradation by cometabolic oxidative pathways can lead to its
mineralization, facilitated by aerobic microorganisms that utilize a wide range of growth
substrates, such as methane (Fogel et al. 1986; Little et al. 1988), toluene (Shim et al.
2001), phenol (Chen et al. 2004) ammonia (Kocamemi and Cecen 2007), and several
others. Methane as a growth substrate has been successfully studied in a number of
systems using both mixed (Fogel et al. 1986) and pure cultures (Little et al. 1988).
During cometabolic degradation of TCE with methane, the methane-oxidizing bacteria
(or methanotrophs) produce a non-specific enzyme, methane monooxygenase (MMO),
that oxidizes methane as its substrate and can also fortuitously degrade TCE (Sullivan et
al. 1998). In this process, TCE degradation is initiated as an epoxidation reaction
catalyzed by the MMO, with NADH as an immediate energy source (Chang and AlvarezCohen 1995).
Microbial methane production (methanogenesis) is ubiquitous in the anaerobic
wetland sediment (Neill 1995; Chanton et al. 1997); however, methane can readily
degrade by microbial processes in the oxygenated parts of the wetland, such as near the
sediment-water interface and in the rhizosphere of wetland plants. Studies have found
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that 15–90% of methane produced in various water-logged environments (rice fields,
freshwater marshes and swamps) gets oxidized in the rhizosphere of wetland plants by
the methanotrophs within the wetland before entering the atmosphere (Holzapfelpschorn
et al. 1986; Epp and Chanton 1993; Bosse and Frenzel 1997; Lombardi et al. 1997; Bosse
and Frenzel 1998; van der Nat and Middelburg 1998; Popp et al. 2000; Megonigal 2002).
Methane-oxidizers may not only colonize the root exterior but can also grow within the
root itself, possibly in response to oxygen limitation (Calhoun and King 1997). Further,
the activity level of the methanotrophs associated with wetland plant roots may vary
seasonally and among plant species (King 1994). Methanotrophs associated with the
plant rhizosphere have been reported as being relatively sensitive to oxygen, and their
activity may be limited to a greater extent by availability of oxygen than by methane
(King 1994). Oxygen availability in the rhizosphere can vary among wetland plants, with
proportional changes in methane-oxidizer activity (Calhoun and King 1997). The
phenomenon of oxygen leakage from plant roots into the surrounding rhizosphere is
called radial oxygen loss (ROL), and it may vary significantly among plant species, even
among the members of the same genus that show similarities in root morphology (Inoue
and Tsuchiya 2008).
Past research on chlorinated ethene (CE) degradation in wetland sediments has
focused on reductive (Lorah and Olsen 1999; Kassenga et al. 2003; Kassenga et al. 2004;
Kassenga and Pardue 2006; Amon et al. 2007) and oxidative transformation processes
(Bankston et al. 2002; Tawney et al. 2008), though a greater emphasis has been made on
CE transformation pathways in reducing conditions. Despite limited number of studies
examining CE degradation in wetland plant roots (Bankston et al. 2002; Tawney et al.
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2008), there may be significant potential for such degradation in vegetated wetlands by
the root-associated methane-oxidizers. However, cometabolic TCE removal within roots
may vary among wetland plant species resulting from variations in root characteristics
themselves affecting methane oxidation. The aim of the current investigation was to
evaluate TCE degradation potential by methane-oxidizers that may be naturally
associated with the roots of two common wetland plants, Carex comosa and Scirpus
atrovirens (commonly called ‗longhaired sedge‘ and ‗green bulrush‘, respectively), both
of which are found in North America, and they show modest differences in their
respective root characteristics. Above plants species were selected for the laboratory
investigation as they are among the species utilized at the experimental wetland
constructed for the pilot-scale treatment of groundwater contaminated with chlorinated
ethenes (Amon et al. 2007). In the present study, the activities of root-associated
methane-oxidizing bacteria were evaluated for the above plant species, and the influences
of the methane oxidation activity of these bacteria on TCE degradation were investigated.
This approach enabled us to evaluate the potential role of rhizospheric processes in two
common wetland plants, which can influence TCE degradation by natural attenuation
processes distributed in shallow zones of vegetated wetlands.
4.2

MATERIALS AND METHODS

4.2.1

Root Characterization
Two wetland plant species (Carex comosa Boott. and Scirpus atrovirens Willd.,

both from the family Cyperaceae, referred to henceforth as CC and SA respectively) were
collected from a natural fen located near Dayton, OH (USA) in September 2008. After
collection, the plants were maintained in the university greenhouse until use (~40 weeks)
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in individual tree pots (2 gal, 15 x 15 cm opening, and 41 cm) containing a 50/50 mix of
peat moss and local fen soil. The light cycle in the greenhouse was ambient during the
long days of the year, and augmented with fluorescent lights that maintain light at no less
than 13.5 hours during the short winter days. The bench-scale experiments (described
below) were conducted with CC or SA roots that were separated from plant shoot by
clipping, washed with de-ionized water thoroughly to remove attached soil, and then
dried in air before weighing. The physical attributes of representative root samples of CC
and SA plants of similar age were characterized, including their dimensions and dry
weight. A modest number of representative samples of root from CC and SA plants were
obtained and characterized in terms of their average length per unit mass (n= 40), and the
average diameter of root (n = 120), based on which the nominal surface area per mass
(cm2 g-1) and nominal volume per mass (cm3 g-1) for both species were estimated.
4.2.2

Microcosm Design
Batch experiments were set-up using 2.4 L microcosms, each made of white

Teflon material (18.2 cm tall x 13.8 cm inner dia, and 3.5 cm wall thickness). Each
microcosm had a stir bar at the bottom, and a porous shelf made of PEEK mesh-cloth
located at 6.5 cm height from the microcosm base, to support root materials. There were
two ports in the lid of microcosms, each fitted with Teflon pipe adapters and 0.625 cm
OD Teflon tubing; one port was for gas bubbling/liquid sampling and the other port is for
venting or liquid amendments. A third opening in the microcosm lid, customized to fit a
20 mm dia. rubber stopper and an aluminum crimp, was used for collecting gas samples
from the microcosm headspace using gastight syringes (Hamilton, Reno, NV); this port
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was closed with a Teflon-lined grey butyl rubber stopper and sealed with an aluminum
crimp (both from Wheaton, Milliville, NJ).
4.2.3

TCE Experiments
Six microcosms (2.4 L Teflon microcosms, as above) were set up as follows:

three were prepared as ‗live‘ microcosms with 15 g of fresh roots, either from CC or SA,
and 1440 mL of growth medium (Fogel et al. 1986) and the remaining three microcosms
were prepared as ‗killed‘ controls in the same manner, but with 6.24 mg L-1 of sodium
azide to inhibit the growth of gram-negative bacteria, including the methane-oxidizing
bacteria (Ginestet et al. 1998). After these additions, a headspace of 960 mL remained in
each microcosm. Prior to sealing the microcosms with Teflon-lined grey butyl rubber
stoppers and aluminum crimps, all microcosms were bubbled with air for ~30 min to start
the experiment, with a dissolved oxygen (DO) at ~8 mg L-1 and its headspace filled with
air. Pure gaseous methane (CH4) was added into each microcosm (90 mL, equivalent to
3.68 mmoles mass, or 0.13 mM or 2.1 mg L-1 aqueous [CH4]) using a gas-tight glass
syringe (Hamilton, Reno, NV), and the microcosms were continuously mixed at 60 rpm
on individual stir plates at ambient temperature (22±1 °C). For microcosms either with
CC or SA roots, there were three cycles of microbial enrichment with CH4 as a substrate
(cycles EC1 through EC3, with no TCE added), where each cycle corresponded to a
period during which CH4 degraded nearly completely in the microcosms, and needed to
be replenished. Following the 3 enrichment cycles without TCE, 6 additional cycles
(TC1 through TC6) were completed with variations in TCE amendments as follows: 4
cycles of 150 g L-1, 1 cycle of 600 g L-1, and 1 cycle of 900 g L-1. In between TCE
cycles, there were short inter-cycle periods, where the microcosms were bubbled with air
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for 30 minutes to remove volatiles from the preceding TCE cycle and to oxygenate the
system. After bubbling, the microcosms were sealed, amended with CH4 only, and
incubated for 2 days.
4.2.4

Chemicals and Analysis
TCE stock solution was prepared by adding 20 µL of TCE (99+% ACS grade,

Aldrich Chemicals Co., Milwaukee, WI) to a 160 mL borosilicate glass serum bottle
containing organic-free Milli-Q water, and sealed with a Teflon-lined rubber stopper and
aluminum crimp without headspace, and then the bottle was placed on a rotary shaker for
48 hr to allow TCE to dissolve completely. Headspace samples from the microcosms
were analyzed by gas chromatography to estimate aqueous phase mass and total mass of
CH4, TCE, oxygen (O2), and inorganic carbon in each microcosm. CH4 and TCE were
analyzed by a HP 6890 series GC system with flame ionization (FID) and electron
capture (ECD) detectors, where CH4 was separated on a capillary column (GS GasPro,
30m x 0.32mm; J&W Scientific) connected to the FID, and TCE was separated on a
capillary column (HP-624, 30m x 0.32mm; Agilent Technologies) connected to the ECD.
O2 and carbon dioxide (CO2) were analyzed by a HP 5890 series GC system with a
thermal conductivity detector and a packed column (Shin Carbon 100/120, 2m x 1mm;
Restek, Bellefonte, PA). Peak area values for TCE from GC analysis were transformed
into aqueous concentrations at equilibrium using laboratory calibration curves and a
published method (Burris et al. 1996). The aqueous CH4 concentration at equilibrium
were calculated by the application of Gas law and Henry‘s law (Burris et al. 1996) and its
dimensionless Henry's constant (K‘H for CH4 at 25°C = 28.5; (Gossett 1987)). Based on
measured partial pressures of O2 in the microcosm headspace, the DO concentration and
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total oxygen (TO) mass were calculated using Henry‘s Law (K‘H for O2 gas at 25 ºC =
3.8 x 10-2; (Lide and Frederikse 1995)). Similarly the dissolved inorganic carbon (DIC)
concentration and total inorganic carbon (TIC) mass were calculated using Henry‘s Law
(K‘H for CO2 gas at 25 ºC = 0.83) and carbonate system equilibrium relationships at
measured pH (Pankow 1991). The pH measurements were made using a handheld meter
(model AP10 pH/mV/temp, Denver Instrument, Bohemia, NY) by collecting 2.5 ml aqueous
samples from each microcosm after gas sampling (see section III in Appendix A, for
calculation procedure).
4.2.5

Data Treatment and Statistical Analysis

For each cycle during enrichment and TCE addition, the initial rate of mass
loss/production of solutes (i.e., CH4, TO, TIC and TCE) were calculated using the
difference between their measured values on day 1 and day 2 (with the exception that the
last enrichment cycle, which was from day 0 to day 3) (Anderson and McCarty 1997).
The initial rates were taken as mass difference between day 1 and day 2, as opposed to
day 0 and day 1, in order to avoid the transient conditions imposed by microcosm reset in
between cycles. Above initial mass loss/production rates were then normalized to reactor
fluid volume (1.44 L), and reported in mmoles d-1 L-1; TCE loss rate is reported in moles
d-1 L-1. Transformation yield (Ty) was calculated by subtracting the average losses in
TCE and CH4 in the killed controls from the live microcosms, and then dividing total
TCE mass degraded by total CH4 mass degraded (including CH4 loss in the enrichment
cycles, and inter-cycles methane amendments without TCE; Anderson and McCarty
1997).
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For the enrichment cycles EC1 through EC3, and cycles TC1 through TC4 with TCE,
the effects of treatment (i.e., control vs. live microcosms), plant species (i.e., CC vs. SA)
and cycle number on the initial loss/production rates of solute (CH4, TO, TIC, and TCE)
were measured using a three-way factorial analysis of variance (ANOVA) with treatment,
species, and cycles being the independent factors. This approach was considered
appropriate instead of repeated measures ANOVA with cycle as the repeat factor because
each cycle was considered independent of the previous cycles due to inter-cycle reset of
microcosms. For cycles TC5 and TC6 (higher TCE concentration treatment), a twofactorial ANOVA was employed to test the effects of species and treatment on initial
loss/production rates with treatment and species as the independent factors. A t-test was
used to compare root characteristics and stiochiometric ratios between root species.
Statistical analyses were performed using Statistica 9TM (Statsoft, Tulsa, OK, USA).
4.3

RESULTS AND DISCUSSION

4.3.1

Root Attributes
CC and SA root samples showed differences in terms of their dimensional

attributes and their appearance (Figure 4.1). The SA roots were more fibrous and had a
significantly greater length per unit mass in comparison to CC roots; 107.30 ± 42.99 cm
g-1 for SA versus 57.99 ± 14.28 cm g-1 for CC (n = 40) (t-test, P<0.0001). Further, the
average diameter of CC root was significantly greater than SA roots; 0.13 ±0.02 cm for
CC versus 0.07 ± 0.02 cm for SA (n=120) (t-test, P<0.0001). Based on above diameter
measurements, and assuming a cylindrical shape for all roots, the nominal root surface
area per unit root mass was nearly twice as much for CC in comparison to SA; 0.72 cm2 g1

for CC versus 0.33 cm2 g-1 for SA. However, using a similar approach, the nominal root
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volume per unit root mass was similar for the two species; 21.8 cm3 g-1 for CC versus
20.3 cm3 g-1 for SA.
In addition, there were visual differences between the CC and SA roots at the time
these plants were removed from pots maintained in the greenhouse (Figure 4.1); the CC
roots exhibited an orange tint, whereas the SA roots were mostly coated with a thin film
of fine-grained black solid. The orange tint of CC roots may indicate a coating of iron
oxyhydroxide, and as such it suggests a more oxidizing rhizospheric condition leading to
oxidation of porewater Fe(II), presumably caused by greater ROL (Van der Nat and
Middelburg 1998; Weiss et al. 2005). This is consistent with thicker CC roots that may
exhibit greater ROL, and a greater CH4 loss during enrichment cycles with CC roots (see
discussion in Microbial Enrichment) suggesting a more favorable habitat for aerobic
microbes (e.g., iron oxidizing bacteria and methane oxidizers). The black coating on SA
roots, on the other hand, may indicate possible iron monosulfide (FeS) formation due to
microbial reduction of sulfate available in the pore water. Sulfate reducing bacteria can
often be associated with emergent plant roots (Wind and Conrad 1997), and FeS
formation (through sulfate reduction) on SA roots suggests a geochemical condition that
may have been strongly reducing. Further, a sulfate reducing condition may have
developed in SA roots perhaps due to excess DOC released from SA roots (Figure C.5, in
Appendix B.3).
4.3.2

Microbial Enrichment
Our results demonstrated that both plants species, CC and SA, had methane-

oxidizing activity associated with their roots, expressed as simultaneous loss in O2 and
CH4 levels. The initial loss rates for CH4 and TO and initial production rate for TIC were
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significantly different between live and control microcosms (three-way factorial
ANOVA, treatment effect, P<0.05; Table 4.1, and Table C.1 in Appendix B.3), and
between enrichment cycles (three-way factorial ANOVA, cycle effect, P<0.001; Table
4.1, and Table B.3.1 in Appendix B.3). The variations in initial rates of CH4 and TO due
to the effects of species and treatment depended on the cycle (three-way factorial
ANOVA, treatment x species x cycle, P<0.05; Table 4.1, and Table B.3.1 in Appendix
B.3). Initial rates of CH4 degradation were also significantly different between species
(three-way factorial ANOVA, species effect, P<0.00001; Table 4.1, and Table B.3.1 in
Appendix B.3). The average mass of CH4 oxidized was considerably greater during
enrichment cycles for CC roots compared to SA roots (Figures B.3.1, B.3.2 and B.3.5 in
Appendix B.3), which may suggest that a greater number of methane-oxidizers were
initially present with CC roots, and CC may have provided a favorable habitat for greater
CH4 oxidation; this is consistent with the orange tint of CC roots indicative of its greater
oxidizing characteristics in comparison to SA roots. The average mass of TIC formed
was significantly larger than mass of CH4 oxidized during each cycle for both roots (see
Stoichiometry and Mass Balance), suggesting mineralization of DOC leached from roots
as a significant process. Further, the TIC mass from DOC mineralization was
considerably greater for SA roots compared to CC roots in enrichment cycles (Figures
B.3.1, B.3.2 and B.3.5 in Appendix B.3).
4.3.3

TCE Degradation

During the first four cycles with TCE (TC1 through TC4), the initial loss rates for
CH4 and TO and initial production rate for TIC were significantly different between live
and control microcosms (three-way factorial ANOVA, treatment effect, P<0.05; Table
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4.1, and Table B.3.1 in Appendix B.3) as well as for CH4 and TO during the last two
cycles (TC5 and TC6) (two-way factorial ANOVA, treatment effect, P<0.01; Table 4.1,
and Table B.3.1 in Appendix B.3). During the first 4 cycles, the effects of treatment and
species on TO variations depended on the cycle (three-way factorial ANOVA, species x
treatment x cycle, P<0.05; Table 4.1, and Table B.3.1 in Appendix B.3). However, the
differences in methane-oxidizing activity between CC and SA roots observed during the
enrichment cycles were not significant during TC cycles; the CH4 oxidation was similar
for the two species (with the exception of cycle TC1), and the initial rates of methane loss
were comparable through cycles TC2 through TC6 (three-way factorial ANOVA, species
effect, P<0.05 for TC1-TC4 and two-way factorial ANOVA, species effect, P>0.05;
Table 4.1). Further, the decrease in initial rate of CH4 degradation in TC cycles in
comparison to EC cycles is consistent with earlier reports that methane utilization
becomes partially inhibited by TCE transformation (Anderson and McCarty 1997; Chang
and Criddle 1997). However, MMO deactivation due to TCE epoxide toxicity was not
evident as the initial rate for CH4 degradation remained nearly steady through cycles TC1
through TC6, and did not progressively decline as would be expected in case of toxicity.
Degradation of TCE with both CC and SA roots in all 6 TC cycles was observed,
including for initial dissolved TCE concentrations at 600 and 900 µg L-1 (cycles TC5 and
TC6). The study showed TCE loss in live microcosms compared to killed controls
(Figure B.3.4, in Appendix B.3) corresponded with CH4 degradation, suggesting that TCE
loss can be attributed to cometabolic oxidation by methane-oxidizers in live microcosms.
For both plant roots, initial TCE degradation rates significantly differed between
treatments (i.e., live vs. control microcosms) (three-way factorial ANOVA for TC1-TC4
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and two-way factorial ANOVA for TC5-TC6, treatment effect, P<0.05; Table 4.1, and
Table B.3.1 in Appendix B.3), yet they were fairly consistent between the species in
cycles TC1 through TC4 (three-way factorial ANOVA, species effect, P>0.05; Table 4.1,
and Table B.3.1 in Appendix B.3), but rates increased in cycles TC5 and TC6 as more
TCE was added (Table 4.1, and Table B.3.1 in Appendix B.3). The increase in initial
TCE degradation rates was similar for the two plant roots in TCE cycle 5 (two-way
factorial ANOVA, species effect, P>0.05; Table 4.1, and Table B.3.1 in Appendix B.3),
but the initial rate was significantly greater for CC roots in cycle TC6 (two-way factorial
ANOVA, species effect, P<0.05; see Table 4.1, and Table B.3.1 in Appendix B.3), which
may be attributed to greater methane oxidation supported by the larger root surface area.
Further, the average net TCE mass losses for the two roots in TC1 through TC6 cycles
were similar (24% with CC roots and 32% with SA roots) at the experimental conditions
(150-900 µg L-1 TCE and 2.1 mg L-1 of aqueous CH4). The average net Ty was 0.0004 ±
0.0001 mmol TCE/mmol CH4 for both CC and SA, which is lower than reported literature
values by a factor of 2 (Alvarez-Cohen and Speitel 2001) presumably due to less efficient
TCE oxidation at low TCE concentration, where CH4 has a greater chance to occupy/bind
with active MMO sites than TCE (Chang and Alvarez-Cohen 1995; Chang and Criddle
1997). A significantly higher Ty (0.0019 mmol TCE/mmol CH4) was reported in batch
system for a methane-oxidizing mixed culture in soil at an initial TCE concentration of
1710 µg L-1 (Anderson and McCarty 1997), due presumably to a much lower initial TCE
concentration in this study. A significantly greater values of Ty has been predicted by the
methane-oxidizing bacteria at higher TCE concentrations (Chang and Criddle 1997), and
it was attributed to a more efficient CH4 utilization in TCE transformation.
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4.3.4

Stoichiometry and Mass Balance
Mass balance analysis indicates that the TIC produced in individual cycles

throughout the study with either root was significantly greater than available carbon from
CH4 (stoichiometrically, the TIC to CH4 ratio should be ~1 if all CH4 gets oxidized),
which suggests that excess TIC was produced by heterotrophic oxidation of dissolved
organic carbon (DOC) released from the roots (Figure B.3.5 in Appendix B.3). In other
words, the analysis has shown that DOC oxidation (by heterotrophs) was an important
process that was active in parallel to methanotrophic activity in enrichment cycles, and it
also persisted through TCE cycles. Stoichiometric analysis further indicates that during
enrichment cycles the ratios of average TIC formed to CH4 degraded were significantly
greater for SA (2.82±0.42) in comparison to CC (1.46±0.10) (t-test, P<0.05) roots,
suggesting that greater amount of labile carbons was released from the SA roots leading
to greater TIC production in EC1 through EC3 cycles. The suggestion of a greater DOC
release from SA roots, in comparison to CC roots in enrichment cycles, is significant, and
it is consistent with formation of FeS on SA roots under reducing condition discussed
earlier (see Root Attributes). The analysis further suggests that greater availability of
labile organic carbon from plant roots may stimulate the heterotrophic microorganisms
leading to oxygen depletion and reducing conditions in the plant rhizosphere. While
water table depth in a wetland is generally considered to be an important regulating factor
in methane-oxidation processes in shallow subsurface, the availability of excess labile
organic matter from plant roots can be a secondary factor affecting methane oxidation
(and TCE cometabolism) in the rhizosphere.
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4.3.5

Implications
Our recent field study has shown a near complete removal of chlorinated ethenes

in the groundwater passing through the constructed wetland (Amon et al. 2007). The
present bench-scale study provides a validation of simultaneous degradation of methane
and chlorinated ethene in the shallow, vegetated zone of the wetland (Amon et al. 2007),
and offers a mechanism for destruction of chlorinated ethenes through aerobic
cometabolism. The study concludes that the overall potential for TCE degradation may
be similar for Carex comosa and Scirpus atrovirens roots despite certain differences in
their morphology, which suggests that TCE degradation can also occur with other
emergent plants expressing methanotrophic activity, such as Oryza sativa, Carex
aquatilis, Carex rostrata, Phragmites australis, Scirpus lacustris, Pontederia cordata,
Sparganium eurycarpu, and Sagittaria latifolia (Holzapfelpschorn et al. 1986; Bosse and
Frenzel 1997; Calhoun and King 1997; Bosse and Frenzel 1998; Calhoun and King 1998;
van der Nat and Middelburg 1998; Popp et al. 2000). The present study offers important
insight about the role of wetland plants in the natural attenuation of TCE in contaminated
aquatic environments, such as urban wetlands, or wetlands impacted by industrial
solvents. The results may also be helpful for application of constructed or restored
wetlands in pollutant mitigation and site management.
Our future study includes investigating chlorinated hydrocarbon degradation in
flow-through mesocosms with several species of live (whole) wetland plants, and
examining the effect of methane and TCE concentrations on degradation kinetics by rootassociated methane oxidizers. In addition, root-associated methane-oxidizing microbial
community in TCE degrading systems will be characterized using molecular techniques.
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Figure 4.1

Carex comosa and Scirpus atrovirens Roots

Roots of Carex comosa (top) and Scirpus atrovirens (bottom). Visual differences were
observed between the CC and SA roots at the time of removal from the greenhouse; the
CC roots exhibited an orange tint, whereas the SA roots were mostly coated with a thin
film of fine-grained black solid.
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Table 4.1

Initial loss/production Rates

Initial loss/production rates of solute mass (CH4, TO, and TIC) in control and live microcosms for the CC and SA experiments (mean
± SD, n = 3). The initial mass loss/production rates are normalized to reactor fluid volume, and reported in mmoles d-1 L-1; TCE loss
rate is reported in moles d-1 L-1. The initial rates of solute loss or production are calculated between day 1 and day 2 (~24 hr period)
for all cycles reported below (except for cycle 4 during enrichment, which was averaged over the first 3 days).
Enrichment Cycles

Initial Rate

TCE Cycles

Cycle EC1

Cycle EC2

Cycle EC3

Cycle TC1

Cycle TC2

Cycle TC3

Cycle TC4

Cycle TC5

Cycle TC6

Initial [CH4]
(mg L-1)

2.1

2
2.1

2.1

2.1

2.1

2.1

2.1

2.1

2.1

Initial [TCE]
(g L-1)

--

--

--

150

150

150

150

600

900

CC- Live

--

--

--

0.16 ± 0.06

0.11 ± 0.05

0.08 ± 0.01

0.15 ± 0.01

0.74 ± 0.28

1.15 ± 0.15

CC-Control

--

--

--

0.08 ± 0.11

0.01 ± 0.03

0.00 ± 0.03

0.07 ± 0.03

0.25 ± 0.36

0.00 ± 0.13

SA – Live

--

--

--

0.07 ± 0.04

0.18 ± 0.12

0.19 ± 0.02

0.14± 0.12

0.68 ± 0.11

0.72 ± 0.18

SA - Control

--

--

--

0.00 ± 0.05

0.10 ± 0.07

0.13 ± 0.05

0.00 ± 0.04

0.41 ± 0.02

0.00 ± 0.12

CH4 loss rate
CC- Live

0.05 ± 0.04

0.89 ± 0.27

0.68 ± 0.14

0.30 ± 0.10

0.22 ± 0.04

0.21 ± 0.06

0.25 ± 0.11

0.22 ± 0.09

0.29 ± 0.09

CC-Control

0.08 ± 0.07

0.12 ± 0.09

0.07 ± 0.03

0.04 ± 0.02

0.00 ± 0.10

0.06 ± 0.05

0.06 ± 0.06

0.04 ± 0.08

0.00 ± 0.01

SA – Live

0.04 ± 0.04

0.35 ± 0.16

0.26 ± 0.04

0.14 ± 0.04

0.25 ± 0.03

0.20 ± 0.10

0.21 ± 0.06

0.20 ± 0.03

0.20 ± 0.10

SA - Control

0.00 ± 0.04

0.04 ± 0.18

0.00 ± 0.02

0.01 ± 0.02

0.01 ± 0.06

0.00 ± 0.11

0.00 ± 0.09

0.01 ± 0.03

0.02 ± 0.06

TO loss rate
CC- Live

0.06 ± 0.03

0.85 ± 0.21

0.74 ± 0.09

0.68 ± 0.07

0.65 ± 0.02

0.32 ± 0.22

0.30 ± 0.05

0.33 ± 0.09

0.38 ± 0.05

TCE loss rate

150

CC-Control

0.13 ± 0.19

0.14 ± 0.05

0.18 ± 0.07

0.13 ± 0.15

0.26 ± 0.16

0.00 ± 0.07

0.04 ± 0.07

0.03 ± 0.09

0.01 ± 0.05

SA – Live

0.36 ± 0.19

0.57 ± 0.30

0.43 ± 0.15

0.41 ± 0.03

0.35 ± 0.11

0.28 ± 0.10

0.55 ± 0.17

0.47 ± 0.07

0.41 ± 0.09

SA - Control

0.17 ± 0.06

0.11 ± 0.19

0.23 ± 0.05

0.20 ± 0.15

0.36 ± 0.06

0.07 ± 0.18

0.08 ± 0.16

0.13 ± 0.09

0.13 ± 0.10

CC- Live

0.50 ± 0.25

0.39 ± 0.27

0.94 ± 0.24

0.44 ± 0.17

0.74 ± 0.23

0.48 ± 0.11

0.54± 0.06

0.31 ± 0.17

0.82 ± 0.07

CC-Control

0.65 ± 0.19

0.35 ± 0.33

0.37 ± 0.10

0.18 ± 0.18

0.30 ± 0.90

0.56 ± 0.20

0.15 ± 0.12

0.07 ± 0.06

0.61 ± 0.32

SA – Live
SA - Control

0.45 ± 0.12
0.33 ± 0.18

0.25 ± 0.29
0.04± 0.07

0.87 ± 0.10
0.61 ± 0.17

0.54 ± 0.01
0.78 ± 0.63

1.11 ± 0.23
0.69 ± 0.50

0.59 ± 0.22
0.60 ± 0.35

0.62 ± 0.34
0.40 ± 0.26

0.23 ± 0.18
0.18 ± 0.14

0.31 ± 0.02
0.19 ± 0.08

TIC
production
rate
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5
DEGRADATION KINETICS OF CHLORINATED ALIPHATIC
HYDROCARBONS BY COMETABOLIZING METHANE OXIDIZERS
NATURALLY ASSOCIATED WITH WETLAND PLANT ROOTS

5.1

INTRODUCTION
Chlorinated aliphatic hydrocarbons (CAHs) are common groundwater contaminants

that pose threats to human health, as known or suspected carcinogens (ATSDR 1997).
As such, there is a need to understand both natural and engineered processes that can
remove CAHs from the environment. Natural attenuation of CAHs has been examined as
a potential site remediation approach as it is advantageous economically and
environmentally compared to conventional options that are resource intensive. Natural
attenuation by biodegradation is especially important because it can occur for a wide
range of CAHs by both oxidative and reductive means. Highly-chlorinated CAHs, such
as tetrachloroethene, can undergo biodegradation under strongly reducing conditions,
whereas less-chlorinated CAHs, such as vinyl chloride, are preferentially biodegraded
under oxidizing conditions (Vogel et al. 1987; Bradley 2000).
Wetlands can provide unique environments for oxidative and reductive
transformations of CAHs (Amon et al. 2007; Tawney et al. 2008). Reductive
transformation of CAHs can be facilitated by the abundant natural organic matter in the
wetland soil that can provide electron donors, such as hydrogen (H2) and volatile fatty
acids (Conrad 1999), and support processes such as halorespiration, where the CAHs act
as the terminal electron acceptors (Kassenga et al. 2004; Amon et al. 2007). If complete
degradation is not achieved through reductive dechlorination, less-chlorinated daughter
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CAHs may accumulate in the anaerobic zones of wetland environments. However,
daughter CAHs can degrade further and get mineralized under oxidizing conditions in the
near-surface environments of the wetland, such as near the sediment-water interface, and
in the root zone of wetland plants, by serving as electron donors for microbial
metabolism or by cometabolic processes in the presence of numerous growth substrates
(Anderson & Walton 1995; Bankston et al. 2002). Oxygen transported from plant shoot
to root tissues for metabolic functions can diffuse out into the rhizosphere and the
immediate soil environment (Justin & Armstrong 1987; Colmer 2003), which may create
favorable conditions for oxidation of CAHs.
Few researchers have examined CAH degradation by oxidative processes in shallow
wetland settings with a focus on root zone processes (Bankston et al. 2002; Tawney et al.
2008). Tawney et al. (2008) reported that cisDCE degradation can be accomplished by
native microorganisms associated with Phragmites australis roots, perhaps through
cometabolic processes that were facilitated by the release of oxygen and exudates by the
roots. Aerobic cometabolism of TCE by methane oxidizing microorganisms that are
naturally associated with roots of wetland plants, Carex comosa (Powell et al. 2010) and
Scirpus atroviren roots (Powell et al. 2010; Powell & Agrawal in review), has been
reported at bench-scale (see Figure 5.1 for schematic of TCE degradation with wetland
plants). The above results suggest that cisDCE and other CAHs may potentially degrade
similarly by methane oxidizers that are naturally associated with wetland plants (King
1996), particularly since methane is readily available in wetland soils due to the
abundance of soil organic matter and the ability of methanogenic microorganisms to
breakdown the organic matter for methane production.
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The aim of the current investigation was to evaluate the degradation potential and
reaction kinetics of three CAHs (cisDCE, TCE and 1,1,1TCA) by methane oxidizing
microorganisms naturally associated with wetland plant roots of Carex comosa Boott.
(long hair sedge) at bench-scale. The degradation potential of TCE by naturally
occurring methane oxidizers in a similar system (with wetland plant roots of Carex
comosa) has already been reported (Powell et al. 2010; Powell & Agrawal in review).
We expected that the root-associated methane oxidizers had the ability to degrade
cisDCE, TCE, and 1,1,1TCA via aerobic cometabolism in the presence of methane as a
primary substrate. This approach enabled us to evaluate the degradation potential of the
above CAHs by naturally occurring methane oxidizers associated with wetland plant
roots, and obtain parameters describing degradation kinetics.
5.2

MATERIALS AND METHODS

5.2.1

Plant collection
Wetland plants (Carex comosa) were collected from a natural wetland site located

in Dayton, OH (USA) in September 2008. After collection, the live plants were
maintained in the university greenhouse for approximately 8 months in individual pots
containing a 50/50 mix of peat moss and soil from a natural wetland nearby. The plant
roots were separated from the plant shoot by clipping, and were thoroughly washed with
de-ionized water to remove attached soil in order to prepare for the bench-scale
experiments described below.
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5.2.2

Experimental set-up
Six microcosms (160 mL borosilcate glass serum bottles; Wheaton, Milliville, NJ)

were prepared, where each microcosm had 1 g of fresh roots and 100 mL of growth
medium (Fogel et al. 1986) with 60 mL headspace remaining. Three bottles were
prepared as live, and the remaining three bottles as killed controls, amended with 6.24 mg
L-1 of sodium azide to inhibit gram-negative bacterial growth, including the growth of
methane-oxidizing bacteria (Ginestet et al. 1998). All microcosms were bubbled with air
for ~30 min to start the experiment with dissolved oxygen sufficient to maintain aerobic
conditions. The microcosms were then capped with Teflon-lined grey butyl rubber
stoppers (20 mm dia.) and sealed with aluminum crimps (both from Wheaton, Milliville,
NJ). Pure gaseous methane (CH4) (5.25 mL equivalent to 1.9 mg L-1 aqueous CH4) was
injected into each bottle using a gas-tight glass syringe (Hamilton, Reno, NV) before the
bottles were wrapped in aluminum foil, and placed on a rotary shaker (Glas-Col, Terre
Haute, IN) set at 30 rpm in an upside down position for gentle horizontal mixing at room
temp (22±1 °C). Four cycles of microbial enrichment with CH4 only were completed
followed by 4 cycles with CH4 and a CAH (~150 g L-1 of cisDCE, TCE, or 1,1,1TCA).
In experiments with 1,1,1TCA, the microcosms were amended with ~150 g L-1 of TCE
as well in the last two cycles (in cycles 5 and 6). Each cycle was 4 days long, and
corresponded to a period during which CH4 degraded nearly completely in the
microcosms, and needed to be replenished. At the end of each cycle, all microcosms
were opened to carefully discard the aqueous growth medium without removing the roots
and replaced with 100 mL of fresh growth medium and amendments, and then incubated
at the conditions described earlier.
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5.2.3

Chemicals
Stock solutions were prepared separately for each CAH by adding 20 µl of TCE,

25 µl of cisDCE, and 25 µl of 1,1,1TCA (99+% ACS grade, Aldrich Chemicals Co.,
Milwaukee, WI) to a 160 ml glass serum bottle containing Milli-Q water and sealed with
a Teflon-lined rubber stopper and aluminum crimp without headspace, and then the bottle
was placed on a rotary shaker for 48 hr, to allow the CAH to dissolve completely.
5.2.4

Analysis
Headspace samples from the microcosms were analyzed by gas chromatography

to quantify the aqueous concentrations and the total mass of CH4, CAHs, oxygen (O2),
and inorganic carbon in each microcosm. CH4 and CAHs were analyzed by a HP 6890
series GC system with flame ionization (FID) and electron capture (ECD) detectors. O2
and carbon dioxide (CO2) were analyzed by a HP 5890 series GC system with a thermal
conductivity detector. Peak area values from GC analysis were transformed into aqueous
concentrations using laboratory calibration curves and a published method (Burris et al.
1996). The aqueous concentrations of CH4 and CAHs at equilibrium were calculated by
the Gas law and Henry‘s law using a published approach (Burris et al. 1996). Based on
measured partial pressures of O2 and CO2 in the microcosm headspace, the aqueous [O2]
(DO) and total oxygen mass (TO) were calculated using Henry‘s Law (Lide & Frederikse
1995), and [dissolved inorganic carbon] (DIC) and total inorganic carbon mass (TIC)
were calculated using Henry‘s Law and carbonate system equilibrium relationships at the
measured pH (Pankow 1991). The pH measurements were made using a handheld meter
(model AP10 pH/mV/temp, Denver Instrument, Bohemia, NY) by collecting 2-2.5 ml
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aqueous samples from each microcosm after gas sampling. See Appendix A, for calculation
approaches.
5.2.5

Biomass estimation
The microbial biomass in the microcosms was expected to be attached to the root

surface or embedded within the plant roots. The microbial biomass in each cycle was
estimated using the stoichiometry of O2 and CH4 utilization/loss (Jenal-Wanner &
McCarty 1997), which were obtained by subtracting the total O2 and CH4 loss in the
controls from the live microcosms. The mass loss in the control microcosms was
subtracted from the live microcosms to account for mass loss due to the presence of the
plant roots. The theoretical O2 loss was determined using mass balance (Eq. 1, below), in
which a fraction of CH4 lost is oxidized to CO2 and used for energy (Eq. 1a) and the
remaining fraction of CH4 is assimilated into biomass (C5H7O2N) (Eq. 1b):
feCH4 + 2feO2  2feH2O + feCO2

(1a)

fsCH4 + 3/5fsO2 + 1/5fs(H+ + NO3-)  1/5fsC5H7O2N + 7/5fsH2O

(1b)

where fe represents the fraction of CH4 oxidized for energy, and fs is the fraction of CH4
assimilated as biomass (i.e., fs +fe =1). The sum of above equations (1a and 1b) is
represented in Eq. 1 below:
CH4 + (3/5+ 7/5fe) O2 + 1/5fs(H+ + NO3-)  1/5fsC5H7O2N + (7/5fs +2fe)H2O + feCO2 (1)
In order to calculate fe (and fs), the measured ratio of CH4 mass to O2 mass utilized
was set equal to the stoichiometric ratio expressed in Eq. 1 (i.e., 3/5+ 7/5fe = CH4 mass
loss/TO loss); fs was then utilized to calculate the biomass yield from CH4 assimilation,
Y, as biomass (mmol) per methane (mmol). The biomass concentration, [X] (mmol L-1),
was calculated by normalizing the biomass yield, Y, for the liquid volume in the
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microcosm (100 mL). Active biomass concentration, [Xa] (mmol L-1), was then estimated
based on the biomass growth-and-decay relationship, shown in Eq. 2 (Jenal-Wanner &
McCarty 1997):

(2)
where -dS/dt (mmol L-1 d-1) is the rate of CH4 utilization, and b (d-1) is the organism
decay rate. After the enrichment period, it was assumed that [Xa] should reach a steady
state value, [Xss] (mmol L-1), due to balance between biomass growth and decay, as in Eq.
3 below:
(3)

where ST (mmol) is the total CH4 loss during a cycle, V (mL ) is volume of liquid (100
mL), T (d) is the total cycle length in days; and b taken to be 0.549 d-1 (Chang & Criddle
1997).
5.2.6

Data treatment and degradation kinetics
The relative masses, M/Mo, of CH4 and CAH were calculated for each sampling

event, with Mo being their average mass in the control microcosms, and M being their
average mass in the live microcosms (Anderson & McCarty 1997). Transformation yield
(Ty) was calculated by subtracting the average mass loss in CAH and in CH4 found in
control microcosms from the average mass loss in the live microcosms, and then dividing
CAH mass (mol) degraded by CH4 mass (mmol) degraded (Anderson & McCarty
1997). Since the aqueous medium in each microcosm was discarded after each cycle, Ty
was calculated for each cycle individually. Assuming pseudo first-order kinetics, CAH
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degradation rate-constants, kobs-CAH (d-1), were obtained as fitting parameters (Suarez &
Rifai 1999), using Eq. 4 below:
(4)
where [CAH]i (µmol L-1) is the CAH concentration at any time, ti (days), and [CAH]o
(µmol L-1) is the initial CAH concentration; in Eq. 4 above, kobs-CAH (d-1) can be further
defined in terms of k1-CAH (L mmol-1 d-1), the pseudo first-order degradation rate-constant
for CAH that is normalized with respect to active biomass, [Xss] (mmol L-1) using Eq 5
below:
kobs-CAH/[Xss] = k1-CAH

(5)

A similar approach was used to obtain the degradation rate-constants for CH4, kobs-CH4 (d1

) assuming pseudo first-order kinetics in Eq. 6 below:
(6)

where [CH4]i (µmol L-1) is the CH4 concentration at any time, ti (days), and [CH4]o (µmol
L-1) is the initial CH4 concentration. As above, kobs-CH4 (d-1) can be further defined in
terms of k1-CH4 (L mmol-1 d-1), the pseudo first-order degradation rate-constant for CH4
that is normalized with respect to active biomass, [Xss] (mmol L-1) using Eq 7 below:
kobs-CH4/[Xss] = k1-CH4

(7)

The values for k1-CH4 (L mmol-1 d-1) and k1-CAH (L mmol-1 d-1) obtained as described above
are compared to similar studies (Arvin 1991; Oldenhuis et al. 1991; Arcangeli et al. 1996;
Chang & Criddle 1997; Lontoh & Semrau 1998) (Table 5.1).
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5.2.7

Statistical analysis.
The effects of methane-oxidizing bacteria treatment (i.e., control vs. live

microcosms) were measured on each measurement of CH4 and CAH mass using a oneway repeated analysis of variance (RM ANOVA) with time as the repeated factor.
Statistical analyses were performed using Statistica 9TM (Statsoft, Tulsa, OK, USA).
5.3

RESULTS AND DISCUSSION

5.3.1

CAH degradation with roots

In experiments with cisDCE, significant differences in [cisDCE] were observed
between the live and control microcosms through time in 4 cycles with CH4 (one-way
RM ANOVAs, treatment effect, time effect, P<0.001, Figure 5.2a). cisDCE can undergo
metabolic oxidative degradation in the environment (Coleman et al. 2002; Broholm et al.
2005); however, in this study, cisDCE degradation was attributed to cometabolism by the
activity of methane-oxidizing bacteria as its loss corresponded to loss in CH4 and TO,
and production of TIC (Figures 5.3, B.4.1 and B.4.7). With initial [cisDCE] at 150 ug L-1,
the percent loss in cisDCE mass in each cycle averaged around 90% and the degradation
rate constants for CH4 and cisDCE were comparable through 4 cycles (see Figure 5.3,
and kobs in Table B.4.1), which suggest lack of significant toxicity development due to the
production of epoxides (Arcangeli et al. 1996). This is in contrast to a previous study
(Arcangeli et al. 1996), in which cisDCE and methane removal was less efficient at initial
[cisDCE] above 100 ugL-1. The average net Ty for cycles 1-4 were 0.95 ± 0.04, 1.57 ±
0.50, 1.69 ± 0.60, and 1.18 ± 0.04 cisDCE (µmol ) CH4-1 (mmol), which is 2-5 times less
than reported values (Arvin 1991; Anderson & McCarty 1997), possibly due to the
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differences in experimental conditions, including [cisDCE]. The initial [cisDCE] of 1.14
µM in this study was much less compared to other studies (28 µM (Arvin 1991), and 86
µM (Anderson & McCarty 1997)), which may limit efficient cisDCE degradation, in
comparison to higher [cisDCE]. Chang and Criddle (1997) found greater values of Ty at
high [TCE], and attributed that to a more efficient CH4 utilization for TCE
transformation.
In experiments with TCE, significant differences in [TCE] were observed between the
live and control microcosms through time in the four cycles with methane (one-way RM
ANOVAs, treatment effect, time effect, P<0.05, Figure 5.2b). As with the cisDCE
system, TCE degradation also corresponded to loss in CH4 and TO, and production of
TIC (Figures 5.3, B.4.2 and B.4.7). Such simultaneous TCE and CH4 loss may indicate
cometabolic TCE oxidation by methane oxidizers in the live microcosms, similar to a study
with soil from broad-leaf cattail roots (Bankston et al. 2002). In using soil-free roots, this
study provides clear evidence that root-associated microorganisms are responsible for the
degradation. With initial [TCE] at 150 ug L-1, the average loss in TCE mass was 46 10
% for the 4 cycles, and the degradation rate-constants for CH4 and TCE (Figure 5.3, and
kobs in Table B.4.1) increased in cycles 1 through 4, which suggests that significant
epoxide toxicity did not develop (Alvarez-Cohen & McCarty 1991a; Alvarez-Cohen &
McCarty 1991b; Henry & Grbicgalic 1991; Chang & Criddle 1997; Han et al. 1999). The
average net Ty for cycles 1-4 were from 0.34 ± 0.05, 0.44 ± 0.04, to 0.35 ± 0.11, and 0.26
± 0.11 TCE (µmol) CH4-1 (mmol), which are considerably less than the reported Ty range
1.5-7.5 TCE (µmol) CH4-1 (mmol) in similar studies (Anderson & McCarty 1997). This
may be attributed to a lower initial [TCE] used in this study as methane is used more
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efficiently at higher [TCE] (Chang & Criddle 1997), and CH4 has a greater chance to
occupy/bind with active MMO sites than TCE (Chang & Alvarez-Cohen 1995; Chang &
Criddle 1997). The ratio of initial [CH4] to initial [TCE] in the study was ~104, in
comparison to 0.34-12 found in previous studies [20].
In experiments with 1,1,1,TCA, the [1,1,1TCA] were not significantly different
between the live microcosms and killed controls for any of the four cycles with CH4
(one-way RM ANOVAs, treatment effect, time effect, P>0.05, Figure 5.2c). However,
significant changes were observed through time in CH4 and TO loss, and TIC production
in the live microcosms in comparison to the controls (one-way RM ANOVAs, treatment
effect, time effect, P<0.01, Figures 5.3, B.4.3 and B.4.7). Recent studies have indicated
conflicting evidence concerning cometabolic 1,1,1TCA degradation by methane
oxidizers; a few studies reported no 1,1,1TCA degradation (Broholm et al. 1990; Henson
et al. 1989) while others indicated potential for 1,1,1TCA degradation (Strand et al. 1990;
Chang & Alvarez-Cohen 1996). The results of the present study are consistent with
Broholm et al. (1990) in which 1,1,1TCA degradation was not observed, and CH4
degradation wasn‘t influenced by the presence of 1,1,1TCA up to an initial [1,1,1TCA] of
103 mg L-1. However, Strand et al. (1990) found 1,1,1TCA degradation due to the
activity of methane oxidizers at initial [1,1,1TCA] up to 4.47 mg L-1, and yet an increase
in initial [CH4] in excess of 0.25 mg L-1 negatively influenced 1,1,1TCA degradation. In
the present study, aqueous [CH4] was maintained at ~1.9 mg L-1, which may have been
too high for 1,1,1TCA degradation to occur.
The TCE amendments in the last two cycles (#5 and #6) showed significant
differences in [TCE] between the live and control microcosms over time (one-way RM
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ANOVAs, treatment effect, time effect, P<0.01, Figure 5.2c). In a similar study, the
observed TCE degradation rates were lower with both TCE and 1,1,1TCA present than
with TCE only and 1,1,1TCA degradation was inhibited in the presence of TCE (Strand
et al. 1990). The observed rates for CH4 and TCE degradation in the current experiment
with 1,1,1TCA and TCE were similar to the current TCE only experiment (see Figure
5.3, and kobs in Table B.4.1). The average TCE loss was ~40%. And the average net Ty
was 0.31 ± 0.11 and 0.36 ± 0.03 TCE (µmol) CH4-1 (mmol) in the last two cycles,
respectively, which is similar to Ty reported above for TCE only experiments.
5.3.2

Degradation parameters
Using the mass balance in Eq. 1, Y, [X], and [Xss] were estimated (Table 5.1),

where [X] represents the total biomass concentration, and [Xss] represents the steady-state
active biomass concentration resulting from continuous growth-and-decay, such that [Xss]
is less than [X]. The biomass yield, Y, reported here (Table 5.1) is slightly greater than
literature values possibly due to the method used by Jenal-Wanner and McCarty (1997) to
estimate biomass; their method compares the ratio of stoichiometric oxygen to methane loss
with actual values in the experiment. Jenal-Wanner and McCarty (1997) indicated that the
biomass estimate by their method can be higher because of losses in both soluble and
particulate biomolecules, which in this study may have occurred as the supernatant was
discarded after each cycle (Jenal-Wanner & McCarty 1997). However, actual microbial
[biomass] present can still be underestimated in any given cycle due to the possibility that
biomass can remain attached to the roots and persist through cycles.
Methane degradation exhibited pseudo first-order kinetics with average observed
rate-constant, k1-CH4Xss (d-1), of 0.49 ± 0.29, 0.52 ± 0.26, and 0.64 ± 0.15 L d-1 for cisDCE,
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1,1,1TCA, and TCE experiments, respectively. Both TCE and cisDCE also exhibited
pseudo first-order degradation kinetics with average observed degradation rate-constants; k1CAHXss

(d-1), of 0.15 ± 0.02 and 0.59 ± 0.07, respectively (Table B.4.1). In comparison, the

pseudo first-order degradation rate constants reported in the literature for bench-scale studies
are summarized in Suarez and Rifai (1999) with median values of 0.26 (d-1) for TCE and
0.434 (d-1) for DCE isomers. The degradation of cisDCE was faster than TCE in the present
study, which is consistent with literature reports. Arvin (1991) found the transformation rate
of cisDCE to be 50% higher than that for TCE.
The k1-CAH values in this study were less than the literature values obtained from pure
culture studies by three orders of magnitude for cisDCE, and one to three orders of
magnitude for TCE (Table 5.1), which may be attributed to factors such as differences in the
experimental design (e.g., temperature; mixed vs. pure cultures; addition of formate, etc.),
and the approach to estimate active biomass. Further, the smaller k1-CAH values obtained in
this study may be attributed to mass-transfer effects, since the microbial biomass was
presumably localized on or within the roots and not dispersed throughout the batch reactors.
While the k1-CAH values in this study were significantly different than pure-culture studies (
Chang & Criddle 1997; Lontoh & Semrau 1998; Aziz et al. 1999; Oldenhuis et al. 1991),
they were comparable to values reported for biofilm systems (Table 5.1). It can be argued
that similar k1-CAH values may be due to the similarity of the microbial systems, where the
active biomass may be considered a biofilm growing on the root surface. This study suggests
that the removal of CAHs within wetland plant roots may be mechanistically comparable to
processes within the biofilms (Arvin 1991; Arcangeli et al. 1996), and this insight can be
helpful in determining realistic estimates of its performance.
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Figure 5.1

TCE cometabolism by methane-oxidizers in the root zone of wetland
plants.

A schematic of aerobic TCE cometabolism by methane-oxidizers in the root zone of
wetland plants.
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control (white symbols) microcosms with CH4 (mean ± SD, n=3 per treatment). The gray
symbols in the bottom chart in cycles 3 and 4 represent TCE in live (gray circles) and
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Table 5.1. Average Kinetic Parameters
Average Kinetic Parameters for cisDCE andTCE. See Table B.4.1 for kobs-CAH and Xss
values for each cycle

TO/CH4
(mmol mmol-1)
measured
TO/CH4
(mmol mmol-1)
theoretical
fe
fe
literature values
Y
(mmol mmol-1)*
Y
(mmol mmol-1)*
literature values
X
(mmol L-1)*
Xss
(mmol L-1)*
k1-CAH Xss (d-1)
measured
k1-CAH
(L mmol-1 d-1) *
measured
k1-CAH
(L mmol-1 d-1) *
literature valuescultures

cisDCE

TCE

TCE (TCA exp)

1.19 ± 0.04

1.09 ± 0.14

1.42 ± 0.13

(3/5+ 7/5fe)
0.42 ± 0.03

0.35 ± 0.10

0.59 ± 0.09

0.44 (Chang & Criddle 1997)
0.12 ± 0.01

0.13 ± 0.02

0.08 ± 0.02

0.05-0.07 (Alvarez-Cohen & McCarty 1991; Chang &
Criddle 1997; Strand et al. 1990)
1.58 ± 0.36

2.03 ± 0.55

1.12 ± 0.43

0.72 ± 0.17

0.92 ± 0.25

0.51± 0.19

0.59 ± 0.07

0.15 ± 0.02

0.12 ± 0.01

0.83 ± 0.14

0.17 ± 0.04

0.19 ± 0.03

994.4 (Oldenhuis
et al. 1991),
971.8. (Aziz et al.
1999)
(M. trichosporium
OB3b)

8.81 (Chang & Criddle 1997) (mixed),
5.65 (Lontoh & Semrau 1998), 327.7
(Oldenhuis et al. 1991)
(M. trichospoium OB3b)

k1-CAH
(L mmol-1 d-1) * 0.963 (Arcangeli et
0.33 (Arvin 1991) (mixed)
literature valuesal. 1996) (mixed)
biofilm
*Unit conversions assumed the formula weight for microbial biomass to be ~113 g mol-1

174

6 SUMMARY

The goal of this research was to evaluate the potential for naturally-occurring
microorganisms associated with the roots of selected wetland plants to degrade
chlorinated aliphatic hydrocarbons (CAHs). The doctoral research project was divided
into the following parts, involving field and laboratory (bench-scale) studies: (1) The
field investigation was completed in 2007, and consisted of using newly designed passive
devices (pore water samplers) to construct a biogeochemical characterization of an
experimental wetland, built at the Wright-Patterson Air Force Base, OH, for evaluation of
CAH degradation processes in the shallow vegetated zone; (2) The laboratory (benchscale) investigation was accomplished during 2008 and 2009 using microcosms
containing soil-free, washed roots of two wetland plants, Carex comosa and Scirpus
atrovirens. Laboratory studies of CAH degradation were completed with clipped roots
(in comparison to studies with whole/live plants) in order to avoid effects from live
plants, such as transpiration, volatilization, and uptake, and influences from soil bacteria.
The laboratory investigation was separated into the following objectives: (1)
Investigation of TCE degradation potential by methane and ammonia-oxidizing
microorganisms that are naturally associated with the roots of Carex comosa plant, (2)
Investigation of TCE degradation potential by methane-oxidizing microorganisms that
are naturally associated with two wetland plant species, Carex comosa and Scirpus
atrovirens roots, and (3) Modeling the degradation kinetics of three different CAHs
(cisDCE, 1,1,1TCA, and TCE) by methane-oxidizing microorganisms naturally
associated with the roots of Carex comosa
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6.1

A BIOGEOCHEMICAL CHARACTERIZATION OF THE
EXPERIMENTAL WPAFB WETLAND, SHOWING CE DEGRADATION IN
THE SHALLOW VEGETATED ZONE
The goal of this study was to use newly designed pore water samplers (PWSs) to

provide a high-resolution biogeochemical characterization of the pore water parameters in
an upward flow constructed wetland formerly receiving chlorinated ethene-contaminated
groundwater. The retractable and reusable PWSs were placed in the field at three different
locations during the summer months for monthly pore water collection and analysis of
redox sensitive species (sulfate, nitrate, ferrous iron, methane) as well as chlorinated
ethenes. Pore water was collected at depths between approximately 20 and 80 cm below the
ground surface, a suspected zone of increased root activity. The PWSs were designed to
study the variation in water chemistry at 9.21 cm vertical resolution; a resolution that could
not be obtained by sampling with piezometers alone. The results were used in conjunction
with the adjacent piezometers in the middle and lower layers (80 to 140 cm) and
measurement from the influent to create vertical profiles.


The profiles for chloride concentrations, pH, and alkalinity showed consistency
between sample locations in space. The pH of the pore water in the wetland did not
vary significantly (range between 6.5 to 7.5), yet it decreased along the water flowpath from the bottom of the wetland up through the upper middle. The alkalinity
increased from the bottom of the wetland up to about 76 cm below the surface and
then decreased to the surface.



The profiles for ammonium, iron (II), and methane showed consistency between
sample locations in space. The concentrations increased from the lower part of the
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wetland up to the middle and then decreased in upper part corresponding with the root
zone.


The profiles for nitrate and sulfate showed consistency between sample locations in
space. The concentrations decreased from the bottom of the wetland to nearly zero in
the middle portion.



The profiles for the chlorinated ethenes show possible degradation processes. PCE
concentrations decreased from the bottom of the wetland to zero in the lower portion.
TCE concentrations increased in the lower portion and then decreased in the middle
portion and VC formed in the lower to middle portion of the wetland and then
decreased in the middle to the surface.

The following conclusions may be drawn in this study:
A. The consistency between PWS locations and comparison with results from
piezometers gives support for using PWSs. The fine resolution of the PWSs provides
details that could not be determined by sampling with piezometers alone.
B. The pH decrease along water flow-path could possibly be due to release of organic
acids and carbon dioxide due to fermentative and oxidative breakdown of the soil
organic matter by microbial processes. The sharp increase in alkalinity along water
flow-path may be caused by dissolution of soil minerals and the decrease in the
middle layer up to the top may be due to the minerals taken up by plants and
microorganisms.
C. PCE loss in the bottom of the wetland suggests reductive dechlorination
(hydrogenolysis) to TCE and further to VC as both are detected along the water flowpath.
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D. Reducing conditions were found at the bottom of the wetland with overlapping zones
of nitrate, iron, and sulfate reduction and methanogenesis. The wetlands become more
oxidizing near the middle (root zone) and upper layers showing methane and
ammonia oxidation, which can aid in VC cometabolism.
6.2
INVESTIGATION OF TCE DEGRADATION POTENTIAL BY
METHANE AND AMMONIA-OXIDIZING MICROORGANISMS NATURALLY
ASSOCIATED WITH THE ROOTS OF CAREX COMOSA
The goal of this study was to examine the degradation potential of trichloroethene (TCE)
by the aerobic methane- and ammonia-oxidizing microorganisms naturally associated with
wetland plant (Carex comosa) roots. The activity and TCE degradation potential of rootassociated methane-and ammonia-oxidizing microorganisms naturally present on the root
surface and/or embedded within the roots was investigated in 160 mL glass bottle
microcosms (in triplicate), each with 1 g of washed, soil-free roots and amended with
gaseous methane and oxygen (initial aqueous concentrations were 1.9 mg/L methane and 8
mg/L oxygen) or ammonia and oxygen (initial aqueous concentrations were 20 mg/L of
NH4+-N and 8 mg/L oxygen). The experimental set-up for the methane experiments
included 4 enrichment cycles with methane (no TCE added), followed by 4 cycles with
TCE amendments at 150 g/L. The experimental set-up for the ammonia experiment
included 3 enrichment cycles with ammonia (no TCE added), followed by 2 cycles with
TCE amendments at 150 g/L.
 Significant methane and ammonia oxidation were observed reproducibly in batch
reactors with washed roots incubated in growth media, where methane oxidation
developed faster (2 weeks) compared to ammonia oxidation (4 weeks) in live
microcosms.
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 After enrichment, the methane oxidizers demonstrated their ability to degrade 150 µg L-1
TCE effectively at 1.9 mg L-1 of aqueous CH4. In contrast, ammonia oxidizers showed a
rapid and complete inhibition of ammonia oxidation with 150 µg L-1 TCE at 20 mg L-1 of
NH4+-N.
 No inhibitory effect of TCE degradation was detected on methane oxidation at above
experimental conditions. The average TCE mass removal was ~ 40% and the average Ty
for the TCE cycles were 2.8, 3.6, 2.9 and 2.1 µg TCE/ mg CH4 respectively.
The following conclusions may be drawn in this study:
A. This bench-scale investigation clearly demonstrated that methane and ammonia
oxidation can be facilitated by the naturally-occurring microorganisms that are associated
with wetland plant (Carex comosa) roots. Methane oxidation developed faster than
ammonia oxidation during the enrichment period, possibly due to greater initial
population of methane oxidizers with the roots or their ability to better compete with
other (heterotrophic) microorganisms.
B. Methane oxidizers demonstrated significant TCE degradation reproducibly. For a
shorter enrichment period, methane oxidizers were effective in TCE degradation at
bench scale without an inhibitory effect due to TCE degradation on methane
oxidation.
C. A rapid and complete inhibition of ammonia oxidation was observed under similar
experimental conditions in the nitrifying system. Such inhibition of ammonia
oxidation may be attributed to a greater sensitivity of ammonia oxidizers towards
TCE or its degradation product (TCE epoxide).
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D. This study provides key evidence for oxidative cometabolic TCE degradation in
vegetated wetlands that has direct implications for the natural attenuation of TCE in
impacted aquatic environments.
6.3
INVESTIGATION OF TCE DEGRADATION POTENTIAL BY
METHANE OXIDIZING MICROORGANISMS THAT ARE NATURALLYASSOCIATED WITH ROOTS OF CAREX COMOSA AND SCIRPUS
ATROVIRENS PLANTS
The goal of this study was to evaluate the degradation potential of TCE through aerobic
cometabolism by the methane-oxidizing microorganisms associated with the roots of two
wetland plant species, Carex comosa and Scirpus atrovirens. The aerobic cometabolic
degradation of TCE was investigated in 2.4 L Teflon microcosms (in triplicate), each with 15
g of washed, soil-free roots and amended with gaseous methane and oxygen (initial aqueous
concentrations were 2.1 mg/L methane and 8 mg/L oxygen) in 9 cycles, to examine the role
of root-associated methane-oxidizers. The experimental set-up included 3 enrichment
cycles with methane (no TCE added), followed by 6 cycles with variations in TCE
amendments (4 cycles at 150 g/L, 1 cycle at 600 g/L, and 1 cycle at 900 g/L).
 The results indicate that methane-oxidizers, which could cometabolically degrade TCE,
are naturally associated with the roots of common wetland plants, Carex comosa and
Scirpus atrovirens. The activity of methane-oxidizers and TCE degradation potential
were quite comparable for plant species investigated, and the process was reproducible,
efficient and rapid.
 The initial rates of methane degradation in 6 cycles with TCE amendments varied
between 0.21 and 0.30 mg/L/day for Carex comosa, and between 0.14 and 0.25
mg/L/day for Scirpus atrovirens. Further, the initial rates of TCE degradation in 4 cycles
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amended with aqueous TCE at 150 g/L varied between 0.08 and 0.16 g/L/day for
Carex comosa, and between 0.07 and 0.19 g/L/day for Scirpus atrovirens.
 The average TCE mass removal varied between 24 and 32%, and the overall
transformation yield (Ty) was calculated as 0.0004 mmol TCE/mmol CH4 for both
plant species.
The following conclusions may be drawn in this study:
A. Carex comosa and Scirpus Atrovirens roots have differing morphology. The thinker
roots of Carex comosa may provide greater oxygen loss, and thus support more oxidizing
conditions (for Fe(II) and methane-oxidizing microbes) in its rhizosphere.
B. Greater CH4 loss with Carex comosa roots during enrichment may indicate greater initial
number of methane oxidizers in the roots possibly due to the roots offering a more
favorable habitat for aerobic microbes (e.g., iron oxidizing and methane oxidizing
bacteria).
C. Both Carex comosa and Scirpus atrovirens roots may provide suitable habitat for
methane-oxidizing activities. Following enrichment, methane oxidation and TCE
degradation was similar for both plant species.
D. TCE degradation potential observed with Carex comosa and Scirpus atrovirens roots
may occur with other emergent plants expressing methanotrophic activity, and
wetland plants can play an important role in natural attenuation of TCE in
contaminated aquatic environments.
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6.4

MODELING OF DEGRADATION KINETICS OF CIS-DCE, 1,1,1-TCA,
AND TCE BY METHANE OXIDIZING MICROORGANISMS NATURALLY
ASSOCIATED WITH CAREX COMOSA ROOTS.
The goal of this study was to evaluate the cometabolic degradation kinetics of cis-1,2-

dichloroethene (cisDCE), TCE, and 1,1,1-trichloroethane (1,1,1TCA) by methane oxidizers
associated with the roots of the wetland plant species Carex comosa. Laboratory microcosms
(160 ml glass bottles) were created with 1 g of washed roots to study the activity and CAH
degradation potential of the root-associated methane oxidizers at initial aqueous methane
concentrations of ~1.9 mg L-1, and initial aqueous CAH concentrations of ~150 g L-1. The
experimental set-up included 4 enrichment cycles with methane (no TCE added),
followed by 4 cycles with CAH amendments. Microbial biomass in each CAH cycle was
estimated using the stoichiometry of O2 and CH4 utilization/loss, which were obtained by
subtracting the total O2 and CH4 loss in the controls from the live microcosms.
 The results indicate that methane-oxidizers could significantly degraded cisDCE and
TCE through cometabolic pathways, with a relative degradation efficiency of
approximately 90% and 46%, respectively. 1,1,1TCA degradation was not observed in
the presence of active methane oxidizers.
 Both TCE and cisDCE degradation could be described by first-order kinetics, with
pseudo first-order degradation rate-constants of 0.15 ± 0.02 and 0.59 ± 0.07 d-1,
respectively.
 Normalized degradation rate constants (k1-CAH) in this study were less than the literature
values obtained from pure culture studies by three orders of magnitude for cisDCE, and
one to three orders of magnitude for TCE.
The following conclusions may be drawn in this study:
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A. TCE and 1,2-cisDCE degradation was possible by methane oxidizers naturally
associated Carex comosa roots. 1,1,1-TCA degradation was not observed under the
experimental conditions.
B. k1-CAH values for TCE and cisDCE were much less than the values obtained for
systems with pure-cultures which may be attributed to several factors relating to
experimental design or biomass approximation.
C. k1-CAH values were comparable to values reported for biofilm systems, possibly due
to the similarity of the microbial systems, where the active biomass in this study may be
considered a biofilm growing on the root surface.
D. The removal of CAHs within wetland plant roots may be mechanistically comparable
to processes within the biofilms, and this insight can be helpful in determining realistic
estimates of its performance.
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APPENDIX A

A.1

ANALYSIS AND CALCULATIONS

FIELD SAMPLE ANALYSIS AND CALCULATIONS

A.1.1 Methane and Chlorinated Ethenes
The GC procedures of purge and trap and headspace injection were used to detect
chlorinated ethenes such as Perchloroethene (PCE), Trichloroethene (TCE), isomers of
Dichloroethene (cis and trans DCE) and Vinyl chloride (VC) as well as nonchlorinated
methane. Samples were divided for purge and trap and headspace injection: 7.5ml stored
in 15ml Teflon sealed and capped bottles for next-day analysis by direct headspace
injection and 5ml stored in a luer-locked syringe for same-day analysis by purge and trap.
For headspace injection, the 15ml bottles were rotated upside down for approximately 3
hours and are stored in the refrigerator overnight. The next day, the bottles were brought
to room temperature and analyzed on the GC in triplicate by headspace injection. Data in
the form of peak areas were obtained from each chromatograph and converted into
concentration units (parts per billion (ppb)) based on the value of slope obtained from
analysis of VOC standards. Concentrations were divided by the respective molecular
weights of the compounds to get millimolar concentrations (mM).
Liquid standard preparations were for PCE, TCE, cis-DCE, and trans-DCE. 160ml
bottles were filled with DI water, sealed and capped without head space.

A known

amount of VOC was injected into the bottle to give a concentration of 20ppm. For
dissolution to occur, the bottles were placed on a rotator for approximately 48 hrs for
PCE and TCE and 24 hrs for cis-DCE and trans-DCE. Serum bottles were filled with DI
water, sealed and capped without head space. Dilutions were prepared for a range of
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concentrations (Table A.1) by taking out a known volume of water and adding the same
volume of stock. The standards were placed on a rotator for approximately 1 hr after
which, the analysis were by purge and trap method.
Table A.1

VOC Liquid Standards

Data used to calculate VOC Liquid Standards.
PCE
1.6
g/cc
Density
160
Ml
Vol. bottle for stock sol
Vol. PCE injected into stock bottle
2.0
Μl
(99.9+%, HPLC grade, Sigma Aldrich)
3.2
mg PCE
Mass PCE in stock bottle.
20
mg/l (ppm)
Concentration of stock sol.
72
Ml
Serum bottle.
No. Vol. of stock solution to be Concentration in 72ml
injected (μl)
serum bottle (μg/L)
1
36
10
2
72
20
3
108
30
4
180
50
5
360
100
TCE
1.47
g/cc
Density
160
Ml
Vol. bottle for stock sol;
Vol. TCE injected into stock bottle
2.2
Μl
(99%, Sigma Aldrich)
3.2
mg TCE
Mass TCE in stock bottle.
20.2 mg/l (ppm)
Concentration of stock sol.
72
Ml
Serum bottle.
No. Vol. of stock solution to be Concentration in 72ml
injected (μl)
serum bottle (μg/L)
1
36
10
2
71
20
3
107
30
4
178
50
5
356
100
185

cis-DCE
1.26
g/cc
Density
160
Ml
Vol. bottle for stock sol;
Vol. Cis- DCE injected into stock
2.5
Μl
bottle (99%, Sigma Aldrich)
3.2 mg cis-DCE
Mass Cis-DCE in stock bottle.
19.7 mg/l (ppm)
Concentration of stock sol.
72
Ml
Serum bottle.
Vol. of stock solution to be Concentration in 72ml
No.
injected (μl)
serum bottle (μg/L)
1
36
10
2
72
20
3
108
30
4
180
50
5
360
100
Trans-DCE
1.28
g/cc
Density
160
Ml
Vol. bottle for stock sol;
Vol. Trans-DCE injected into stock
2.5
Μl
bottle (99.7%, (GC) Stabilized, Acros
Organics)
mg trans2.56
Mass Trans-DCE in stock bottle.
DCE
20
mg/l (ppm)
Concentration of stock sol.
72
Ml
Serum bottle.
Vol. of stock solution to be Concentration in 72ml
No.
injected (μl)
serum bottle (μg/L)
1
36
10
2
72
20
3
108
30
4
180
50
5
360
100
Gaseous standard preparations were for Methane and VC.

Serum bottles were

filled with 9 mL of deionized water and then sealed and capped. A different volume of
gas was injected into each bottle (30 μl, 100 μl, 300 μl, and 1ml). Analysis was by direct
head space injection The procedure was similar for VC except standard samples were
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prepared in 72 ml bottles and the analysis were by purge and trap.

For methane see

Appendix A.3.1 The table below lists the GC parameters.
Table A.2

GC operating parameters

The operating procedures for the 6890 GC.
Hewlett-Packard 6890 GC
analytical equipment : GC/FID
analytical equipment : GC/ECD
target compounds:
target compounds:
temperature of injector : 200ºC
temperature of injector : 50ºC
temperature of detector :250ºC
temperature of detector :250ºC
oven temperature programming :
oven temperature programming :
-initial : 50ºC for 2min
-initial : 50ºC for 2min
-rate : 10ºC/min from 50ºC to 160ºC
-rate : 10ºC/min from 50ºC to 160ºC
no hold at 100ºC
no hold at 100ºC
-post tempt: 50 ºC
-post tempt: 50 ºC
splitless
Splitless
column : J&W Scientific. Inc. No.
column : Agilent 19091V-413
1134332 GS Gas Pro
HP-624 Special Analysis Column
Capillary (30m*0.32mm* 0.00mm
Capillary (30m*0.32mm*1.8um nominal)
nominal)
H2 flow : 40 ml/min
Anode Flow : 6ml/min
Air flow : 450 ml/min
Make up gas flow: N2, constant flow
make up gas flow : N2, 60ml/min
45ml/min
Injection volume from the headspace
 Injection volume from the headspace

A.1.2 Ion analysis
The samples (2 mL each) for ion analysis were filtered into a centrifuge tube filled
with 8ml of filtered deionized water for a 5 times dilution. Approximately 0.5 ml of the
diluted sample was injected into the cuvettes for anion chromatography analysis using
Dionex ion chromatograph model 2500; triplicates were prepared for each sample. Data in
the form of peak areas were obtained from each chromatograph and converted into
concentration units (parts per billion (ppm)) based on the value of slope obtained from
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analysis of ion standards (Table A.3). Concentrations were divided by the respective
molecular weights of the ions to get millimolar concentrations (mM).
Table A.3

Anion Standards

Data used to calculate Anion Standards.

Analyte

Manufacturer

Concentration
of Stock (C1)
(ppm)

SO42NO3NO2Cl-

FisherChemicals
FisherChemicals
FisherChemicals
FisherChemicals

1000
1000
1000
1000

Volume of
Stock Solution
(V1)
(ml)
0.1, 0.2, 1
0.02, 0.1, 0.3
0.02, 0.1, 0.3
0.2, 1, 3

Volume
of
Standard
(V2) (ml)
100
100
100
100

Concentration
of Standard
Solution (C2)
(ppm)
1, 2, 10
0.2, 1, 3
0.2, 1, 3
2, 10, 30

A.1.3 Iron analysis
The reagents needed for iron analysis on the spectrophotometer were Concentrated
hydrochloric acid (12N HCl), Acetate buffer solution, Hydroxylamine solution, 1,10Phenanthroline solution. The samples were stored in syringes with luer-lock tips and
placed in a glove box for sample preparation. 0.25ml of 12N HCl was added by pipette to
each sample for stabilization. 1ml of sample water was filtered into centrifuge tubes from
the syringes using a 0.2μm filter and 9ml of filtered deionized water was added for
dilution. The samples were separated into total iron analysis and ferrous iron analysis.
For total iron the following reagents were added: 1ml of diluted sample, 1ml of acetate
buffer solution, 0.5ml of hydroxylamine solution, 0.5ml of 1,10-Phenanthroline solution.
For ferrous iron the following reagents were added: 1ml of diluted sample, 1ml of acetate
buffer solution, 1ml of 1,10-Phenanthroline solution. After 10 minutes, the solutions
were added to the spectrophotometer cuvettets and analyzed on a Perkin Elmer Lambda
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45 UV/VIS spectrophotometer using a wavelength quant method at λ=510. Data in the
form of absorbance were obtained from the spectrophotometer and converted into
concentration units (parts per million (ppm)) based on the value of slope obtained from
analysis of iron standards (Table A.4). Concentrations were divided by the respective
molecular weights of the compounds to get millimolar concentrations (mM).
Table A.4

Iron standards

Data used to calculate Iron Standards.
Volume of
Concentration
Iron
Stock
of Stock (C1)
Standards
Solution (V1)
(ppm)
(ml)
1
50
0
2
50
0.15
3
50
0.3
4
50
0.6
5
50
0.9
6
50
1.2

Volume of
Standard
(V2) (ml)

Concentration of
Standard Solution
(C2) (ppm)

10
10
10
10
10
10

0
0.75
1.5
3
4.5
6

A.1.4 Ammonia Analysis
The following materials were needed for ammonia analysis by the Hach method
on the spectrophotometer: Hach tubes, Ammonia Salicylate reagent pillows, Ammonia
Cyanurate reagent pillows. The samples were stored in syringes with luer-lock tips and
placed in a glove box for sample preparation. 1ml of sample water was filtered into
centrifuge tubes from the syringes using a 0.2μm filter and 9ml of filtered deionized
water was added for dilution. 2ml of diluted sample was added to Hach tubes and then an
ammonia Salicylate reagent pillow and an ammonia Cyanurate reagent pillow were added
to the Hach tubes. After 20 minutes, the solutions were added to the spectrophotometer
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cuvette and analyzed on a Perkin Elmer Lambda 45 UV/VIS spectrophotometer using a
wavelength quant method at λ=655. Data in the form of absorbance were obtained from
the spectrophotometer and converted into concentration units (parts per million (ppm))
based on the value of slope obtained from analysis of ammonia standards (Table A.5).
Concentrations were divided by the respective molecular weights of the compounds to
get millimolar concentrations (mM).
Table A.5

Ammonia standards

Data used to calculate ammonia standards.
Ammonia
Standards

Concentration
of Stock (C1)
(ppm)

1
2
3
4
5
6
7
8
9

1
1
1
1
1
1
1
10
10

Volume of
Stock
Solution (V1)
(ml)
0
0.1
0.3
0.5
1
3
5
0.75
1.25

Volume of
Standard
(V2) (ml)

Concentration of
Standard Solution
(C2) (ppm)

5
5
5
5
5
5
5
5
5

0
0.02
0.06
0.1
0.2
0.6
1
1.5
2.5

A.1.5 Alkalinity Analysis
The following materials were needed for alkalinity analysis (Sarazin et al. 1988) on
the spectrophotometer: Alkalinity Reagent (10mM Formic Acid + 50 mg/L Bromophenol
Blue) and Sodium Bicarbonate. The samples were stored in syringes with luer-lock tips
and placed in a glove box for sample preparation. 200µl of sample water was filtered
into centrifuge tubes from the syringes using a 0.2μm filter and 2ml of Alkalinity
Reagent was added. After 30 minutes, the solutions were added to the spectrophotometer
190

cuvette and analyzed on a Perkin Elmer Lambda 45 UV/VIS spectrophotometer using a
wavelength quant method at λ=590. Data in the form of absorbance were obtained from
the spectrophotometer and converted into concentration units (mM) based on the value of
slope obtained from analysis of alkalinity standards (Table A.6).
Table A.6 Alkalinity standards
Data used to calculate alkalinity standards.
Alkalinity
Standards

Concentration
of Stock (C1)
(ppm)

1
2
3
4
5
6

20
20
20
20
20
20

A.2

Volume of
Stock
Solution (V1)
(ml)
0
2.5
5
12.5
25
50

Volume of
Standard
(V2) (ml)

Concentration of
Standard Solution
(C2) (ppm)

50
50
50
50
50
50

0
1
2
5
10
20

GAS CHROMATOGRAPHIC ANALYSIS
The headspace samples from the microcosms were analyzed by gas

chromatography to estimate aqueous phase CH4, TCE (0.25 mL), DO, and DIC (0.05
mL) concentrations in each microcosm. CH4 and TCE were analyzed by a HP 6890
series GC system with flame ionization (FID) and electron capture (ECD) detectors; CH4
separated on a capillary column (GS GasPro, 30m x 0.32mm; J&W Scientific) connected
to FID, and TCE was separated on a capillary column (HP-624, 30m x 0.32mm; Agilent
Technologies), connected to ECD, with helium as the carrier gas at constant flow of 2.1
mL min-1. The 6890 GC method settings for both analytes were as follows: inlet and
detector temperatures at 200 ºC and 250 ºC, respectively, and oven temperature program
was 50 ºC for 2 min, 10 ºC min-1 from 50 to 160 ºC, and no hold at 160 ºC (total 13 min).
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The make-up gas for the GC was N2 with a flow rate of 60 mL min-1 for ECD, and 45 mL
min-1 for FID. The flow rate of H2 and air were 40 mL min-1 and 450 mL min-1,
respectively. O2 and CO2 were analyzed by a HP 5890 series GC system with a thermal
conductivity detector (TCD), and a packed column (Shin Carbon 100/120, 2m x 1mm;
Restek, Belefonte, PA), with N2 as carrier gas. The GC method settings for O2 and CO2
analysis were as follows: inlet and detector temperatures at 100 ºC and 160 ºC,
respectively, and oven temperature program was 30 ºC for 1.5 min, 25 ºC min-1 from 30
to 155 ºC, and no hold at 155 ºC (total 6.5 minutes).
A.3

CALCULATIONS FOR ESTIMATING VOLATILE’S MASS

A.3.1 Methane

The number of moles, n, was determined using the ideal gas law;

where R = gas constant (0.0821 atm L mol-1 K-1; T = temperature (298 K), P =
Pressure (1 atm); V = volume of gas injected.
The number of moles was divided by the aqueous volume (Vw) to give moles per liter
before partitioning and then the moles per liter were converted to the concentration (Cw)
in mg per liter using the molecular weight of methane (16 g mole-1):

The total mass of methane in the microcosm was determined by:
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where, Vw = volume of water, and m = mass of methane in moles.
A dimensionless Henry's constant (KH’) of 28.5 for Methane at 20°C (Schwarzenbach et
al. 1995) was used to determine the fraction in water (fw):

where, Va = volume of air.

The fraction in water was used to determine the mass in the aqueous phase after
partitioning (mw):

and the mass of methane in the head space (ma)

The concentrations in the aqueous phase (C’w) and head space were determined using the
respective masses and volumes:
and

.

A.3.2 Oxygen

The aqueous concentration was calculated using Henry‘s law and a Henrys
constant (kH) of 1.3x 10-3 mole L-1 atm-1 (Lide and Frederikse 1995) and partial pressure
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(Pi) in the headspace (in atm) and converted to mg L-1 using the molecular weight of
oxygen (32 g mole-1) and after a unit conversion:

The total mass of oxygen in moles (m) was found by calculating the mass in the aqueous
phase using the aqueous volume (Vw) and adding it to the mass in the headspace, which
was determined using the ideal gas law calculated with the partial pressure and the
volume in the headspace (Va):

where R = gas constant (0.0821 atm L mol-1 K-1; T = temperature (298 K)
A.3.3 Carbon dioxide
The aqueous concentration of CO2 or dissolved inorganic carbonate (DIC) was

calculated using the following relationships (Pankow 1991):

If pH ~7, then

where

and
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where,

and

Adding the two together and doing a unit conversion:

The total mass (m) was found by calculating the mass in the aqueous phase using the
aqueous volume (Vw) and adding it to the mass in the headspace, which is determined
using the ideal gas law calculated with the partial pressure (Pi) and the volume in the
headspace (Va):

where R = gas constant (0.0821 atm L mol-1 K-1; T = temperature (298 K)
A.3.4 CAH Calculations
Stock solutions were prepared separately for each CAH by adding 20 µl of TCE
(99.5% ACS grade, ACROS Organics Co., Morris Plains, NJ), 25 µl of cisDCE (97%
ACS grade, Aldrich Chemicals Co., Milwaukee, WI), and 25 µl of 1,1,1TCA (99+%
ACS grade, Aldrich Chemicals Co., Milwaukee, WI) to a 160 ml glass serum bottle
containing Milli-Q water and sealed with Teflon-lined rubber stopper and aluminum
crimp without headspace, and then the bottle was placed on a rotary shaker for 48 hr, to
allow the CAH to dissolve completely. The CAH stock solution was removed from the
sealed serum bottle using a glass syringe needle pierced through the stopper. The CAH
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concentrations in the water and in the serum bottle headspace after partitioning were
calculated using a published approach (Burris et al. 1996). The concentration (Cw) in mg
per liter before equilibration was determined as follows:

The total mass in the microcosm was determined by:

where, Vw = volume of water.
A dimensionless Henry's constant (KH‘) of 0.299 for TCE, 0.124 for cisDCE, and 0.584
for 1,1,1TCA at 20°C (Gossett 1987) was used to determine the fraction in water (fw):

where, Va = volume of air.

The fraction in water was used to determine the mass in the aqueous phase after
partitioning (mw):

and the mass in head space (ma)
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The concentrations in the aqueous phase (C’w) and head space were determined using the
respective masses and volumes:
and
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APPENDIX B

B.1

ADDITIONAL INFORMATION

FIELD EXPERIMENTAL DATA
5/7/08
6/11/08
7/7/08
8/11/08
9/4/08

0
-20 0.0

0.5

1.0

5/13/08
6/23/08
7/14/08
8/18/08
9/11/08

0
1.5

-20 0.0

0.5

1.0

0
1.5

-20 0.0
-40

-60

-60

-60

-80

-100

-120

-120

-140

-140
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Figure B.1.1 WPAFB wetland profiles of nitrate and ammonia
Nitrate and ammonia (mM) profiles from the PWS units and Piezometers
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Figure B.1.2 WPAFB wetland profiles of Chloride, pH, and Alkalinity
Chloride (mM), pH, and Alkalinity (mM) profiles from the PWS units and Piezometers
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Figure B.1.3 WPAFB wetland profiles of ferrous iron, sulfate, and methane
Fe(II) (mM), SO4, and CH4 (mM) profiles from the PWS units and Piezometers.
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Figure B.1.4 WPAB wetland profiles of PCE, TCE, and VC
PCE (µM), TCE (µM), and VC (µM) profiles from the PWS units and Piezometers
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METHANE AND AMMONIA EXPERIMENTAL DATA
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Figure B.2.1 Average rates during TCE cycles of the methane experiment
Average rates of CH4 and TCE degradation, DO loss, and DIC production rates through
the cycles for live and control microcosms
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Figure B.2.1 Average rates during TCE cycles of the ammonia experiment
Average rates of NH4+ and TCE degradation, DO consumption and NOx production
through the cycles for live and controls microcosms
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Table B.2.1

Initial rates of solutes during the enrichment cycle of the methane and ammonia experiments

Average loss/production rates of solutes (CH4, NH4+, DO, NOx, and DIC) in control and live microcosms for each cycle of methane
and ammonia enrichments (mean ± SD, n = 3).
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B.3

CAREX COMOSA AND SCIRPUS ATROVIRENS EXPERIMENTAL DATA
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Figure B.3.1 Mass of CH4, TO, and TIC for the Carex comosa enrichment cycles
Mass of CH4, TO, and TIC in the live (black circles) and control microcosms (white
squares) for the enrichment cycles (EC1 through EC3) with Carex comosa (mean ± 1 SD,
n=3 per treatment).
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Figure B.3.2 Mass of CH4, TO, and TIC in the Scirpus atrovirens enrichment cycles
Mass of CH4, TO, and TIC in the live (black circles) and control microcosms (white
squares) for the enrichment cycles (EC1 through EC3) with Scirpus atrovirens (mean ± 1
SD, n=3 per treatment).
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Figure B.3.3 Mass of TO and TIC in Carex comosa and Scirpus atrovirens TCE
cycles
Mass of TO and TIC in the live (black circles) and control microcosms (white squares)
for six TCE cycles (TC1 through TC6) with Carex comosa and Scirpus atrovirens (mean
± 1 SD, n=3 per treatment).
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Figure B.3.4 Mass of CH4 and TCE in Carex comosa and Scirpus atrovirens TCE
cycles
Total mass of TCE and CH4 in the live (black circles) and control (white squares)
microcosms for all six TCE cycles (TC1 through TC6) with Carex comosa and Scirpus
atrovirens (mean ± 1 SD, n=3 per treatment). Cycles 5 and 6 are plotted on the
secondary (right) y-axis for TCE.
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Figure B.3.5 Methane oxidized, oxygen consumed, and TIC formed from DOC
Average molar mass of methane oxidized (top), oxygen consumed (middle), and TIC
formed from DOC (= total TIC formed-methane oxidized) (bottom) in live microcosms
with CC (white bars) and SA (black bars) roots. The data for control microcosms are not
shown.
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Figure B.3.6 Stiochiometric ratios during the Carex comosa and Scirpus atrovirens
experiment
Ratios for TO consumed to CH4 oxidized (A) and TIC formed to CH4 oxidized (B) are
displayed with CC (diamonds) and SA roots (triangles) during enrichment (open symbols)
and TCE cycles (closed symbols). On x-axis, cycles 1-3 are for enrichment (EC1 through
EC3), and cycles 4-9 are for TCE (TC1 through TC6). The dashed lines ‗1‘ and ‗2‘
represent TO requirements per mole of methane (plot A above) and TIC production per
mole of methane (plot B above), as per equation 1 (includes biomass production): CH4 +
1.66O2 + 0.482H+ + 0.0482 NO3- 1.85H2O + 0.76CO2 + 0.48C5H7O2N (biomass), and
equation 2 (no biomass production): CH4 + 2O2  CO2 + 2H2O.

211

8
CC

pH

7.5
7

6.5
6
0

5

10

15

20

25

30

35

40

5

10

15

20
Time (days)

25

30

35

40

8
S
A

pH

7.5
7

6.5
6
0

Figure B.3.7 pH during the Carex comosa and Scirpus atrovirens experiment
Measured pH values for CC (top) and SA microcosms (bottom) for 6 TCE cycles (TC1
through TC6), shown for live (black circles) and control (open squares) microcosms. The
data shows intra-cycle pH decrease in all microcosms in all cycles. The pH decrease in
control microcosms may be caused by DIC production (mineralization of DOC leached
from roots by heterotrophic microbes); whereas pH decrease in live microcosms may be
caused by DIC production (mineralization of DOC leached from roots + mineralization of
methane, due to combined heterotrophic and methanotrophic activities). The
measurement also shows initial pH increase for successive cycles for both roots,
especially for control microcosms. Such inter-cycle increase in initial pH in successive
cycles reflects corresponding increase in alkalinity (Figure B below), presumably caused
by build-up of soluble cations (for e.g., Ca2+) in the reactors leaching from the roots
(Hinsinger 1998, Hinsinger et al. 2005).
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Figure B.3.8 Initial alkalinity during the Carex comosa and Scirpus atrovirens
experiment
Calculated average initial alkalinity values (mM) (Pankow 1991) in live and control
microcosms during cycles TC1 through TC6 for SA (black squares for live microcosms
and open squares for control microcosms) and CC roots (black circles for live
microcosms, and open circles for control microcosms).
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Table B.3.1 Factorial ANOVA Tests
Three-way factorial ANOVA tests measuring the effects of species, treatment, and cycle on normalized initial loss/production rates of
solute mass during enrichment cycles (EC1 through EC3) and 4 TCE cycles (TC1 through TC4), and the two-way factorial ANOVA
tests measuring the effects of species and treatment on normalized initial loss/production rates of solute mass during cycles TC5 and
TC6.
Enrichment
Source of Variation
Species
Treatment
Cycle
Species*Treatment
Species*Cycle
Treatment*Cycle
Species*Treatment*Cycle
error

SS
----------------------

df
----------------------

Source of Variation
Species
Treatment
Cycle
Species*Treatment
Species*Cycle
Treatment*Cycle
Species*Treatment*Cycle
error

SS
0.00
0.13
0.01
0.00
0.10
0.01
0.02
0.10

df
1
1
3
1
3
3
3
32

Source of Variation
Species

SS
0.01

df
1

TCE
F
----------------------

P
----------------------

SS
0.37
0.98
0.60
0.13
0.12
0.48
0.12
0.29

TCE
F
0.6
41.1
0.8
0.8
10.7
1.1
1.7

P
0.433058
0.000000
0.509246
0.373008
0.00005
0.353004
0.192208

SS
0.03
0.53
0.00
0.00
0.03
0.01
0.03
0.16

df
1
1
3
1
3
3
3
32

TCE
F
0.1

P
0.719969

SS
0.00

df
1

df
1
1
2
1
2
2
2
24

CH4
F
139.2
30.45
24.9
11.2
5.0
19.8
4.8

P
0.000000
0.000011
0.000001
0.002680
0.015062
0.000008
0.017606

df
1
1
2
1
2
2
2
24

CH4
F
6.3
104.7
0.1
0.2
1.9
0.5
1.9

P
0.017407
0.000000
0.947444
0.625773
0.145566
0.696911
0.155635

df
1
1
3
1
3
3
3
32

CH4
F
0.4

P
0.557721

SS
0.04
0.85
0.38
0.08
0.22
0.37
0.19
0.41
TCE cycles 1-4
SS
0.00
1.13
0.44
0.08
0.13
0.07
0.17
0.50
TCE cycle 5
SS
0.05

df
1

TO
F
2.5
50.4
11.1
4.4
6.6
11.0
5.5

P
0.126948
0.000000
0.000385
0.045860
0.005073
0.000397
0.010653

SS
0.10
0.28
1.17
0.00
0.17
0.29
0.14
1.04

df
1
1
2
1
2
2
2
24

TO
F
0.0
72.7
9.6
5.2
2.8
1.5
3.7

P
0.89737
0.000000
0.000117
0.029962
0.055236
0.232972
0.022221

SS
0.71
0.38
0.55
0.07
0.19
0.47
0.14
2.48

df
1
1
3
1
3
3
3
32

TO
F
6.3

P
0.035988

SS
0.00

df
1

TIC
F
2.3
6.4
13.5
0.1
2.0
3.3
1.7

P
0.144418
0.018232
0.00012
0.750604
0.15884
0.054306
0.212703

TIC
F
9.2
4.8
2.4
1.0
0.8
2.0
0.6

P
0.004858
0.034981
0.088561
0.336298
0.497332
0.131579
0.615507

TIC
F
0.0

P
0.897728

214

Treatment
Species*Treatment
error

0.42
0.04
0.44

1
1
8

Source of Variation
Species
Treatment
Species*Treatment
error

SS
0.16
2.84
0.12
0.17

df
1
1
1
8

7.6
0.7

0.024647
0.442195

0.10
0.00
0.03

1
1
8

TCE
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7.7
133.1
5.4

P
0.023872
0.000003
0.047954

SS
0.00
0.18
0.01
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df
1
1
1
8
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0.0

0.001172
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TCE cycle 6
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1
1
1
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2.9
1.1
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2.7
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P
0.001387
0.14132
0.654263
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B.4

KINETICS EXPERIMENTAL DATA
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Figure B.4.1 Variations in total mass during cisDCE enrichment cycles
Variations in total mass of CH4, O2, and IC (mmol) during four enrichment cycles of
cisDCE experiment; data above for live (black symbols) and control (white symbols)
microcosms with CH4 (mean ± SD, n=3 per treatment).
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Figure B.4.2 Variations in total mass during TCE enrichment cycles
Variations in total mass of CH4, O2, and IC (mmol) during four enrichment cycles of
TCE experiment; data above for live (black symbols) and control (white symbols)
microcosms with CH4 (mean ± SD, n=3 per treatment).
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Figure B.4.3 Variations in total mass during 1,1,1TCA enrichment cycles
Variations in total mass of CH4, O2, and IC (mmol) during four enrichment cycles of
1,1,1TCA experiment; data above for live (black symbols) and control (white symbols)
microcosms with CH4 (mean ± SD, n=3 per treatment)
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Figure B.4.4 Variations in total mass during cisDCE cycles
Variations in total mass of CH4, O2, and IC (mmol) during four cisDCE cycles of cisDCE
experiment; data above for live (black symbols) and control (white symbols) microcosms
with CH4 (mean ± SD, n=3 per treatment).
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Figure B.4.5 Variations in total mass during TCE cycles
Variations in total mass of CH4, O2, and IC (mmol) during four TCE cycles of TCE
experiment; data above for live (black symbols) and control (white symbols) microcosms
with CH4 (mean ± SD, n=3 per treatment).
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Figure B.4.6 Variations in total mass during 1,1,1TCA cycles
Variations in total mass of CH4, O2, and IC (mmol) during four 1,1,1TCA cycles of
1,1,1TCA experiment; data above for live (black symbols) and control (white symbols)
microcosms with CH4 (mean ± SD, n=3 per treatment).

221

TIC -cDCE
TIC - TCE
TIC - TCA

M/Mo (TIC)

0.5
0.4
0.3
0.2
0.1
0
0

5

10

15

20

25

30

Time (days)
Figure B.4.7 Mean relative changes in mass of total inorganic carbon (TIC) during
the kinetics experiments
Mean relative changes in mass of total inorganic carbon (TIC) in the microcosms during
the experiments with cisDCE, TCE, and 1,1,1TCA.
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Table B.4.1

Degradation Rates and Steady-State Biomass for cisDCE and TCE.

Degradation rates, k1-CAHXss (d-1), and steady-state biomass concentrations, Xss (mmol L1
), for cisDCE and TCE. The R2 values are for an exponential fit to the data.
TCE
cycle
cisDCE
TCE
(TCA exp)
-1
1
k1-CAHXss (d )
0.76
0.12
2
R
0.99
0.93
-1
Xss (mmol L )
0.58
0.96
0.50
-1
2
k1-CAHXss (d )
0.57
0.19
2
R
0.99
0.98
-1
Xss (mmol L )
0.64
0.30
0.90
-1
3
k1-CAHXss (d )
0.58
0.13
0.10
2
R
1
0.98
0.97
-1
Xss (mmol L )
0.59
0.47
1.07
-1
4
k1-CAHXss (d )
0.45
0.14
0.13
2
R
0.99
1
0.98
-1
Xss (mmol L )
0.69
0.77
1.14
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